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 Switchgrass, Panicum virgatum L., is a perennial warm-season grass that 
is a model species for the development of bioenergy crops. However, the 
sustainability of switchgrass as a bioenergy feedstock will require efforts directed 
at improved biomass yield under a variety of stress factors. The objectives of this 
research were to: (1) elucidate greenbug and yellow sugarcane aphid feeding 
behavior on resistant and susceptible switchgrasses using electronic penetration 
graphs (EPG), (2) define transcriptional changes before and during insect 
feeding through RNA-seq to identify candidate resistance genes in a hybrid 
switchgrass cultivar, and (3) utilize methods in RNA sequencing of insects to 
uncover key transcriptional regulatory mechanisms involved in switchgrass-aphid 
interactions. 
 Electronic penetration graphs on V3 switchgrass corroborated previous 
work detailing greenbug feeding behavior on V1 grasses. Greenbugs were 
unable to sustain phloem ingestion on resistant Kanlow plants. However, 
significant differences were not documented for yellow sugarcane aphid feeding 
behavior on V1 and V3 switchgrass. 
  Transcriptional changes during insect feeding revealed that both aphids 
induced remodeling of the transcriptome in the hybrid switchgrass cultivar, KxS. 
KxS upregulated reactive oxygen species (ROS) metabolizing enzymes and 
downregulated genes in primary metabolism. Downregulation of genes 
associated with primary metabolism could effectively starve aphids of nutrients 
and/or direct resources to the production of defense-related metabolites. 
However, greenbugs and yellow sugarcane aphids induced divergent defense 
responses, including phytohormone signaling pathways and metabolite 
expression. KxS plants responded to yellow sugarcane aphid feeding, but not 
greenbugs, by inducing genes associated with a flavonoid biosynthesis pathway. 
 Characterizing the molecular response of greenbugs and yellow 
sugarcane aphids revealed an induction of genes associated with carbohydrate 
synthesis/metabolism on switchgrass, potentially to compensate for insufficient 
nutritional resources from the plants. Genes involved in xenobiotic metabolism 
were increased in aphids that had been starved or fed switchgrass, including 
Cytochrome P450s. Moreover, proteases were broadly induced in greenbugs 
that had feed on switchgrass, presumably to overcome plant protease inhibitors. 
Together, these studies present critical information for improving our 
knowledge of the plant-aphid interactions within this system and may help in 
characterizing specific mechanisms of resistance. 
 
 
  
i 
Acknowledgments 
I express my sincerest appreciation for my major advisors, Drs. Tiffany 
Heng-Moss and Jeff Bradshaw, whom provided support, guidance, and 
mentorship throughout my degree program. I also express my sincere gratitude 
to my supervisory committee members, Drs. Gautam Sarath, Joe Louis, and 
Keenan Amundsen for their valuable input, critiques, advice, and support 
throughout my PhD program. I would also like to thank Drs. Sarath and Lisa 
Baird for all the time and effort they invested into helping me work out the callose 
experiments and for their guidance and mentorship in those research challenges.  
I sincerely thank Dr. Lia Marchi-Werle, Dr. Travis Prochaska, Dr. Mitch 
Stamm, Katie Keller, Kait Chapman, Hillary Fischer, Raihanah Hassim and 
Brittney Reinsch for their assistance and contributions to this research. I would 
like to thank Drs. Teresa Donze-Reiner and Nathan Palmer, whom contributed 
significantly to this work and for taking the time to teach me molecular 
techniques. I also thank the faculty and staff in the Entomology Department at 
the University of Nebraska-Lincoln for all the support, guidance, and 
conversations. In addition, thank you to the USDA-NIFA for its funding of this 
research.  
I am also extremely grateful for all the great conversations, support and 
advice I’ve received from my peers throughout my program, and for the 
friendships I have developed. Specifically, I express my sincere gratitude to Dr. 
Johan Pretorius, Henda Pretorius, Dr. Justin McMechan, Dr. Ana Velez, Dr. 
Kenny Roche, Dr. Lia Marchi-Werle, Dr. Matheus Ribeiro, Dr. Louise Lynch, 
  
ii 
Camila Olivera-Hofmann, and Erin Ingram for their friendship and all the support 
throughout my program.  
Finally, I lovingly express my deepest gratitude to my parents, Jim and 
Ronda Koch, my sister and brother-in-law, Jaime and AJ Wiekhorst, my 
nephews, Terrell and Tayden, my niece and great-niece, Madison and Maleaha 
and my grandfather, Don Kelley, for their endless support, encouragement, and 
love in all endeavors. 
 
 
 
 
 
  
iii 
TABLE OF CONTENTS 
 
CHAPTER 1: LITERATURE REVIEW ................................................................... 1 
Switchgrass .......................................................................................................... 1 
Development of Switchgrass as a Dedicated Bioenergy Feedstock ................. 2 
Insect Pests of Switchgrass: General Pests ....................................................... 7 
Aphids ................................................................................................................ 13 
Greenbug ........................................................................................................... 15 
Yellow Sugarcane Aphid ................................................................................... 16 
Cereal Aphid Screens on Switchgrass.............................................................. 17 
Plant Resistance ................................................................................................ 21 
References ......................................................................................................... 45 
CHAPTER 2: EVALUATION OF GREENBUG AND YELLOW SUGARCANE 
APHID FEEDING BEHAVIOR ON RESISTANT AND SUSCEPTIBLE 
SWITCHGRASS CULTIVARS ............................................................................. 62 
Introduction ........................................................................................................ 62 
Materials and Methods ...................................................................................... 66 
Results ............................................................................................................... 75 
Discussion .......................................................................................................... 79 
References ......................................................................................................... 85 
Tables ................................................................................................................ 91 
Figures ............................................................................................................... 95 
 
 
  
iv 
CHAPTER 3: APHIDS INDUCE DIVERGENT DEFENSE RESPONSES IN 
HYBRID SWITCHGRASS (PANICUM VIRGATUM L.) ..................................... 100 
Introduction ...................................................................................................... 100 
Materials and Methods .................................................................................... 104 
Results ............................................................................................................. 109 
Discussion ........................................................................................................ 117 
References ....................................................................................................... 126 
Figures ............................................................................................................. 136 
CHAPTER 4: TRANSCRIPTIONAL PROFILING OF GREENBUG AND 
YELLOW SUGARCANE APHID ON RESISTANT AND SUSCEPTIBLE 
SWITCHGRASS (PANICUM VIRGATUM L.) .................................................... 143 
Introduction ...................................................................................................... 143 
Materials and Methods .................................................................................... 146 
Results ............................................................................................................. 149 
Discussion ........................................................................................................ 157 
References ....................................................................................................... 161 
Tables .............................................................................................................. 166 
Figures ............................................................................................................. 173 
 
 
 
 
 
 
 
  
v 
LIST OF TABLES 
Table 2.1. Gene ID, gene description, and gene primers (FWD and REV) used 
for RT-qPCR of callose-related genes in switchgrass plants. ...................... 91 
Table 2.2. Comparison of EPG parameters (mean ± SEM) for time and duration 
of pattern segments for 15 hr of yellow sugarcane aphid feeding on 
switchgrass populations (V1 stage). .............................................................. 92 
Table 2.3. Comparison of EPG parameters (mean ± SEM) for time and duration 
of pattern segments for 15 hr of greenbug feeding on switchgrass 
populations (V3 stage). .................................................................................. 93 
Table 2.4. Comparison of EPG parameters (mean ± SEM) for stylet activities for 
15 hr of greenbug feeding on switchgrass populations (V3 stage). ............. 94 
Table 4.1. Select upregulated genes in greenbugs after 12 hr of feeding on 
switchgrass or starvation.. ........................................................................... 166 
Table 4.2. Select upregulated genes in greenbugs after 24 hr of feeding on 
switchgrass or starvation. ............................................................................ 168 
Table 4.3. Select upregulated genes in yellow sugarcane aphids after 12 hr of 
feeding on switchgrass or starvation. .......................................................... 170 
Table 4.4. Select upregulated genes in yellow sugarcane aphids after 24 hr of 
feeding on switchgrass or starvation. .......................................................... 171 
 
 
 
 
 
 
 
 
 
 
  
vi 
LIST OF FIGURES 
Figure 2.1. Comparison of EPG parameters (mean ± SEM) for duration of 
pathway, xylem, phloem and non-probing phases for 15 hr of yellow 
sugarcane aphid feeding on three switchgrass populations (V3 stage). ...... 95 
Figure 2.2. Comparison of EPG parameters (mean ± SEM) for duration of 
pathway, xylem, phloem and non-probing phases for 15 hr of greenbug 
feeding on three switchgrass populations (V3 stage). .................................. 96 
Figure 2.3. Fluorescence micrographs of longitudinal leaf sections for 
switchgrass plants 3 d after aphid infestation. .............................................. 97 
Figure 2.4. Detailed fluorescence micrographs of longitudinal leaf sections for 
Kanlow 3 d after aphid infestation.. ............................................................... 98 
Figure 2.5. Transcript abundance of callose related genes in aphid-infested 
plants 3 d after infestation.. ............................................................................ 99 
Figure 3.1. Aphid numbers and damage ratings of samples collected throughout 
the time course.. ........................................................................................... 136 
Figure 3.2. Phytohormones (JA, SA, ABA) and differentially abundant 
metabolites (by LCMS) in control and infested plants.. .............................. 137 
Figure 3.3. Transcriptome discriminate analysis of all genes and heat map of 
DEGS (~18k).. .............................................................................................. 138 
Figure 3.4. Genes differentially expressed in control and infested plants 
associated with primary plant metabolism.. ................................................ 139 
Figure 3.5. Genes differentially expressed in control and infested plants 
associated with plant redox metabolism. .................................................... 140 
Figure 3.6. Genes differentially expressed in control and infested plants 
associated with plant defense. .................................................................... 141 
Figure 3.7. Flavonoid biosynthesis pathway and associated genes induced by 
yellow sugarcane aphid. .............................................................................. 142 
Figure 4.1. Transcriptome discriminate analysis of all genes for greenbugs. .. 173 
Figure 4.2. Heat map of DEGS (5328) in greenbug samples. .......................... 174 
Figure 4.3. Venn diagram of genes for greenbugs induced at 12 hr (top left), 
induced at 24 hr (top right), suppressed at 12 hr (bottom left), and 
suppressed at 24 hr (bottom right). ............................................................. 175 
  
vii 
Figure 4.4. Transcriptome discriminate analysis of all genes for yellow 
sugarcane aphids. ........................................................................................ 176 
Figure 4.5. Heat map of DEGS (4227) in yellow sugarcane aphid samples. ... 177 
Figure 4.6. Venn diagram of genes for yellow sugarcane aphids induced at 12 hr 
(top left), induced at 24 hr (top right), suppressed at 12 hr (bottom left), and 
suppressed at 24 hr (bottom right). ............................................................. 178 
 
  
1 
Chapter 1 
Literature Review 
 
 
Switchgrass 
 Switchgrass, Panicum virgatum L., is a perennial, polyploid, warm-season 
grass widely adapted to eastern North America, growing natively east of the 
Rocky Mountains from 20° north latitude to 55° north latitude (Moser and Vogel 
1995, Vogel 2004, Bouton 2008, Mitchell et al. 2012). Historically, switchgrass 
was one of the dominant components of North American prairies, along with 
indiangrass, Sorghastrum nutans (L.) Nash, and big bluestem, Andropogon 
gerardii Vitman (Bouton 2008). While switchgrass has predominately been 
associated with the tall-grass prairies of North America, it was also native to 
diverse ecosystems including open woods, brackish marshes, pine-woods and 
savanna (Vogel et al. 2011, Casler 2012). However, despite its broad historical 
range, less than 1% of the original ecosystems for switchgrass subsist intact 
today, with much of the land converted for agricultural use (Vogel et al. 2011, 
Casler 2012). Nonetheless, thousands of remnant areas exist throughout most of 
its original range, providing diverse genetic sources for all switchgrass 
germplasm  (Vogel 2004, Vogel et al. 2011, Casler et al. 2015). 
 Switchgrass is a highly polymorphic species with multiple ploidy levels, 
and significant morphological and physiological variation that is closely correlated 
to climatic factors along its range (Vogel et al. 2011, Zalapa et al. 2011, Casler 
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2012, Lu et al. 2013). The basic chromosome number of switchgrass is nine, and 
although multiple ploidy levels exist, tetraploids (2n = 4x = 36) and octoploids (2n 
= 8x = 72) predominate (Moser and Vogel 1995, Sanderson et al. 1996, Bouton 
2008). Generally, the physiological and morphological divisions in switchgrass 
may be divided up among two distinct ecotypes, lowland and upland. Previously, 
these ecotypes were distinguished based on observations of polymorphic 
differences; however, more recently, it has been determined that significant gene 
flow occurred between ecotypes during major ice age events and they are most 
reliably distinguished based on chloroplastic markers (Hultquist et al. 1997, 
Zhang et al. 2011a, Zhang et al. 2011b, Casler 2012, Young et al. 2012, Casler 
et al. 2015). Depending on genotype, ecotype and location, plants grow between 
0.5 and 3.0 meters in height, with most genotypes forming dense clumps with 
short rhizomes, which may form a loose sod over time (Vogel 2004, Bouton 
2008). Generally, lowland ecotypes are commonly taller and coarser with 
considerably faster growth, and well adapted to areas subjected to water 
inundation (Vogel 2004). Conversely, upland ecotypes are more typically 
associated with areas which may be subject to frequent droughts (Casler et al. 
2015).  
 
Development of Switchgrass as a Dedicated Bioenergy Feedstock 
 The increasing global demand for energy has inspired an effort to develop 
alternative energy resources to supplement fossil fuel-based energy production. 
One attractive solution, which has received considerable attention recently, is 
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renewable energy produced from biomass feedstocks. Currently, biomass 
feedstocks are used to produce ethanol from sugar- and starch-rich crops, such 
as maize (Zea mays L.), by fermenting the starch in grains; however, these crops 
are generally produced in labor-intensive agricultural systems and require high 
inputs (e.g., nitrogen fertilization) and may negatively impact the overall energy 
and CO2 balance within the production system (Jakob et al. 2009). Conversely, 
ethanol can also be produce from other plant products, such as fermentation of 
sugars in plant cell walls, which are the most abundant plant materials, while 
switchgrass and other forage crops excel in plant cell wall production (Vogel 
1996). Consequently, dedicated cellulosic biofuels, such as switchgrass, have 
been identified as a promising component of future renewable energy solutions. 
Because these dedicated cellulosic biofuels can reduce the need for annual 
inputs, they may provide a more efficient and sustainable energy resource by 
minimizing cost and fossil fuels used in production, leading to a more positive 
energy balance (Hill et al. 2006, Heaton et al. 2008).   
Although switchgrass has likely long been used in its native state as an 
unmanaged forage crop (Parrish and Fike 2005), it is only within the last several 
decades that this nascent system has been utilized as a ‘crop’ in the traditional 
sense (Parrish et al. 2012). Consequently, while switchgrass has been seeded in 
pastures and rangeland, in both pure stands and mixtures, in the US for more 
than 70 years now, it was not until the last quarter of the 20th century that it 
became increasingly important as a forage crop (Vogel 2004). Beginning in the 
1950’s, a switchgrass breeding program was initiated at the University of 
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Nebraska-Lincoln (Eberhart and Newell 1959, Casler 2012). Initially, 
development of switchgrass germplasm involved collecting a wide array of native 
accessions from a specific geographic region and screening them in numerous 
environments for various agronomic traits (Vogel 2004, Vogel et al. 2011). 
Accordingly, the primary objectives of early switchgrass breeding and agronomic 
programs were largely focused on improving establishment capability, and forage 
yield and quality (Vogel 2004, Bouton 2008). However, beginning in the 1980’s 
and continuing into the 1990’s, research on switchgrass began to receive 
considerably more interest and attention, especially for its potential as a 
herbaceous energy crop (Parrish et al. 2012). 
 In part, the budding interest in switchgrass at the end of the 20th century 
stemmed from investigations into biomass resources by the US Department of 
Energy (DOE) during this period. In 1984, the Oak Ridge National Laboratory 
(ORNL) of the US DOE initiated the Herbaceous Energy Crops Program (HECP) 
to screen herbaceous species as energy crops as part of its broader biomass-for-
energy program (Wright and Turhollow 2010, Parrish et al. 2012). 
Correspondingly, after a series of evaluations, switchgrass was identified as a 
model species for the development of herbaceous bioenergy production (Vogel 
1996, Vogel et al. 2002, Sarath et al. 2008). Switchgrass was selected as one of 
the most promising candidates for bioenergy cropping due to its large number of 
desirable attributes including: high productivity across diverse environments, 
suitability for marginal and erosive land, relatively low water and nutrient 
requirements, positive environmental benefits, and compatibility with 
  
5 
conventional farming practices (Sanderson et al. 1996, McLaughlin and Walsh 
1998, Sanderson et al. 2004). 
One particularly appealing quality of switchgrass as a bioenergy feedstock 
is its relatively high yield potential for marginal and erosive land, which have 
commonly been proposed as sites for herbaceous energy crop production. 
Wullschleger et al. (2010) noted from yield data collected across the US that soil 
texture and land quality do not appear to have a significant impact on yield for 
switchgrass. Furthermore, the documented ecological benefits of switchgrass are 
numerous, including reduced erosion rates and loss of soil nutrients, increased 
incorporation of soil carbon, and reduced use of agricultural chemicals compared 
to annual row crops (McLaughlin et al. 1994, Sanderson et al. 1996, McLaughlin 
and Walsh 1998). A key ecological aspect of switchgrass which contributes 
considerably to its environmental benefits is its perennial growth. Indeed, in long-
term evaluations (>10 yr), switchgrass has demonstrated consistent biomass 
yields in mature stands over time (Fike et al. 2006). Once established, 
switchgrass can be produced for several years limiting soil loss and degradation 
that results from an annual replanting cycle (McLaughlin et al. 1994, McLaughlin 
et al. 2002). Moreover, the extensive root system of switchgrass can result in 
belowground biomass that is comparable to that produced annually 
aboveground, leading to increased soil organic matter, and water and nutrient 
conservation (Anderson and Coleman 1985, McLaughlin et al. 1994). Hohenstein 
and Wright (1994) estimated an approximate 95% reduction in soil erosion rates 
in the production of herbaceous energy crops, including switchgrass, relative to 
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traditional annual row crops. Additionally, the substantial belowground biomass 
of switchgrass effectively sequesters C back into soil, thereby mitigating 
greenhouse gas (GHG) emissions. Life-cycle analysis models have estimated 
that ethanol produced from less energy-intensive sources, such as switchgrass, 
may reduce GHG emissions by 94% from gasoline (Schmer et al. 2008). 
McLaughlin et al. (2002) projected reductions in CO2 emissions to be 
approximately 160% greater for cellulosic ethanol sources, such as switchgrass, 
than for corn ethanol used in the same vehicle. 
Yet, long-term sustainability of bioenergy crops will depend not only on the 
energy produced by the biomass, but also on the energy required to grow the 
crop and convert it to usable energy. Shapouri et al. (2003) estimated an average 
energy ratio of 1.34 (34% net energy gain) and a best-case scenario energy ratio 
of 1.53 (53% net energy gain) for maize. Conversely, similar studies have 
demonstrated that switchgrass grown and managed as a biomass energy crop 
produces 443% (McLaughlin and Walsh 1998) to greater than 540% (Schmer et 
al. 2008) more renewable energy than energy consumed. A crucial survey by 
Wullschleger et al. (2010) reported that switchgrass yields typically ranged 
between 10 to 14 Mg ha-1, while yields of nearly 40 Mg ha-1 were achieved in 
some locations with relatively high fertilizer input and precipitation. However, the 
fact that switchgrass, as a species, is barely removed from the wild from a crop-
improvement standpoint remains salient. Thus, although switchgrass yields 
currently vary greatly based on location, precipitation and cultivar, genetic and 
management improvements in this still nascent crop are anticipated to enhance 
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the yield and sustainability from current projections (Perlack et al. 2005, Bouton 
2008). 
 
Insect Pests of Switchgrass: General Pests 
While switchgrass has received increased agronomic attention, relatively 
few studies have examined insects and their pest status in switchgrass. Some 
have assumed that switchgrass will require few insect pest management 
practices because many warm-season grasses appear to be relatively pest free 
in their native habitat (Moser et al. 2004, Parrish and Fike 2005, Prasifka et al. 
2010). Nonetheless, it is likely that large-scale plantings of switchgrass and other 
dedicated feedstocks will result in insect infestations that could negatively impact 
establishment and yields. For example, the warm-season perennial, buffalograss, 
Buchloë dactyloides (Nuttall) Engelmann, was considered generally pest free in 
its native habitat, however as the use of this species as a turfgrass increased, 
multiple important pests were documented (Baxendale et al. 1999, Heng-Moss et 
al. 2002). Schaeffer et al. (2011) conducted an important, holistic survey of the 
arthropod community associated with managed switchgrass fields in Nebraska, 
documenting at least 84 families across 12 arthropod orders. Of all the 
arthropods collected by Schaeffer et al. (2011), more than 80% were represented 
by only three orders: Thysanoptera, Hymenoptera, and Coleoptera.  
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Grasshoppers 
Grasshoppers (Orthoptera: Acrididae) have been documented as potential 
pests of large-scale switchgrass productions, though mostly anecdotally (Vogel 
2004, Parrish and Fike 2005). More recently, Ullah et al. (2015) examined 
feeding of five grasshopper species on switchgrasses (cultivars Shawnee and 
Kanlow) and big bluestem. Notably, of the five species tested, Melanoplus 
differentialis (Thomas), Melanoplus femurrubrum (De Geer), Psoloessa delicatula 
(Scudder) and Arphia xanthoptera (Burmeister) had generally higher 
consumption on Shawnee switchgrass; however, only M. differentialis consumed 
relatively large amounts of the both Shawnee and Kanlow (up to 230 mg/day for 
Shawnee), making it the most likely to cause economic loss among the species 
tested (Ullah et al. 2015). 
 
Fall Armyworm 
The fall armyworm, Spodoptera frugiperda (J.E. Smith), is a noctuid moth 
native to the tropical regions of the western hemisphere and a pest with very 
wide host range. Although fall armyworms can only successfully overwinter in the 
southern parts of Florida and Texas, during the summer it is able to disperse 
broadly across the US, east of the Rocky Mountains (Capinera 2005). Currently, 
more than 80 plant species have been recorded as hosts for S. frugiperda, 
although it has a preference for grasses (Capinera 2005). Accordingly, given its 
broad host range and preference for grasses, it can be anticipated that S. 
frugiperda may feed on various grasses being developed as herbaceous energy 
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crops. Prasifka et al. (2009) performed laboratory-based feeding trials for two 
strains of S. frugiperda on both switchgrass and Miscanthus x giganteus, 
demonstrating that fall armyworms are capable of developing on switchgrass. 
Based on other reports, S. frugiperda development was slower on switchgrass 
than on corn; however, it was consistent or favorable to other alternate hosts 
(Meagher et al. 2004, Prasifka et al. 2009). The rice strain of S. frugiperda 
performed particularly well on switchgrass, with 77.5% of fall armyworms 
surviving to adult emergence (Prasifka et al. 2009).  
 
Armyworm 
Armyworm, Mythimna (Pseudaletia) unipuncta (Haworth) is a 
cosmopolitan insect and can be an important pest of pasture grasses, as well as 
several grain crops, including maize (Capinera 2013). Furthermore, M. unipuncta 
may be able to overwinter in areas on the US as far north as Tennessee, unlike 
S. frugiperda, which can only successfully overwinter in the southernmost parts 
of Florida and Texas. This crucial ecological difference is particularly relevant as 
it entails that M. unipuncta may be able to infest switchgrass grown for biofuels 
much earlier in the season, when tillers are still small enough to be consumed by 
relatively few larvae and may be more susceptible (Prasifka et al. 2009). Indeed, 
Prasifka et al. (2011a) demonstrated that M. unipuncta could successfully 
complete development on switchgrasses in an evaluation of the relative feeding 
and development of M. unipuncta on field grown ‘Cave-In-Rock’ switchgrass and 
maize; however, armyworms fed on switchgrass had a longer developmental 
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time and lower 10-day mass, relative to maize. Nonetheless, defoliation 
experiments for M. unipuncta on ‘Kanlow’ switchgrass suggested that 
exceptionally high armyworm densities (120-150/m2) would only produce around 
a 20% reduction in plant biomass, implying that scenarios requiring insecticide or 
other control of M. unipuncta may be uncommon (Prasifka et al. 2011a). 
 
Stem-boring Lepidopterans 
Recent accounts further indicate that less familiar lepidopterans could also 
emerge as important switchgrass pests, with reports of three stem-boring moths 
(Prasifka et al. 2010, Prasifka et al. 2011b). Blastobasis repartella (Dietz) was 
first observed as a potential pest of switchgrasses in South Dakota in 2004 and 
more extensively surveyed in 2009 by (Prasifka et al. 2010). Although B. 
repartella was originally described from two male specimens collected near 
Denver, Colorado in 1910, essentially no information of the biology of the moth 
existed until these recent studies (Adamski and Hodges 1996, Adamski et al. 
2010, Prasifka et al. 2010). Blastobasis repartella was originally documented 
feeding in ‘Dacotah’ and Cave-In-Rock switchgrass; however, subsequent 
surveys revealed the moth in a wide range of cultivars. Moreover, Adamski et al. 
(2010) noted that the moth’s host range is apparently restricted to switchgrass, 
while surveys by Prasifka et al. (2010) suggested that B. repartella may be 
ubiquitous in established switchgrass throughout the Midwest. Feeding by B. 
repartella caterpillars results in a “dead heart” symptom, produced by the 
conspicuous death of whorl leaves and cessation of growth for infested tillers, 
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and could compromise yields (Davis and Pedigo 1991, Prasifka et al. 2010). In 
more extensive sampling in five field sites in Illinois, Nebraska, South Dakota and 
Wisconsin, infestations of B. repartella were estimated to range between 1.0–
7.2%, with the highest occurring in plots near Mead, Nebraska (Prasifka et al. 
2010).  
Prasifka et al. (2011b) further characterized two additional lepidopteran 
stem borers, Haimbachia albescens Capps (Crambidae) and Papaipema nebris 
(Guenée) (Noctuidae), in switchgrass during 2010 in Illinois and Iowa. Similar to 
B. repartella, sampling of switchgrass plots in Illinois and Iowa indicated that P. 
nebris infestations in switchgrass might also be relatively common across the 
midwestern US, with B. repartella more abundant in more established 
switchgrass and P. nebris most abundant in newly established stands (Prasifka 
et al. 2011b). Although H. albescens appeared to be relatively uncommon in the 
sampled plots, this established switchgrass as a feeding host for the species 
(Prasifka et al. 2011b). Currently, reports indicate that B. repartella and H. 
albescens likely have minimal impact on switchgrass production, with only mild 
stunting (typically <5%); however, P. nebris may present a greater potential to 
damage switchgrass, as stalk borer larvae often move between stems, and may 
kill several tillers during the first 3 months of growth (Prasifka et al. 2011b). 
Although the three stem-boring moths do not appear to present a serious threat 
to switchgrass currently, several complications could impact the potential pest 
status of these insects. For example, chemical control with insecticides can be 
very difficult for stem-boring insects, which live almost exclusively inside the 
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plant. Furthermore, although the estimated yield impact of these three stem-
borers appears relatively modest under current conditions, there remains a need 
to quantify potential losses of switchgrass biomass from these pests and better 
understand their life-history. As of yet, little is known of the biology of B. 
repartella and H. albescens, in particular (Prasifka et al. 2011b). Consequently, 
one could reasonably envisage a scenario where B. repartella and/or H. 
albescens abundance or virulence could increase and become problematic with 
a broad expansion of switchgrass monocultures grown for bioenergy. 
 
Switchgrass Gall Midge 
In 2008, a new species of gall midge, Chilophaga virgati Gagné (Diptera: 
Cecidomyiidae) was collected from switchgrass fields in South Dakota.  Boe and 
Gagné (2011) found that infested switchgrass tillers were considerably shorter 
than their uninfested counterparts with severely shortened peduncles and 
internodes of the flag-leaf phytomers. Boe and Gagné (2011) evaluated multiple 
switchgrass cultivars and found that the mean percentage of tillers infested 
across all cultivars was 13 and 14% in 2008 and 2009, respectively; however, 
Chilophaga virgati infestation varied significantly between the cultivars evaluated, 
ranging from about 7% to nearly 22% of tillers infested. Moreover, the stunting 
because of C. virgati infestation resulted in a reduction of mean tiller weight of 
nearly 65% (2.5 g per tiller for infested plants versus 7.0 g per tiller for 
uninfested), averaged across years and genotypes (Boe and Gagné 2011). As 
with B. repartella and H. albescens, characteristics and life-history of C. virgati 
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are still poorly understood; nevertheless, the gall midge has potential to have a 
significant impact on switchgrass biomass and the elucidation of its biology could 
provide valuable information for the development of insect-resistant switchgrass 
cultivars. 
 
Aphids 
Aphids (Hemiptera: Aphididae) are major insect pests of agricultural crops 
around the world and may be of particular importance for their ability to damage 
crops by removing photo assimilates and their efficient ability to transmit 
numerous devastating plant viruses (Smith and Boyko 2007). Currently, there are 
approximately 4700 recognized species of Aphididae world-wide (Remaudière 
and Remaudière 1997), with nearly 450 documented in association with 
important crops (Blackman and Eastop 2000).  
In general, an individual aphid commonly reaches the reproductive stage 
within 7–10 days after it is born (Dixon 1998, Awmack and Leather 2007). 
Chiefly, this short development time is possible because newborn aphids contain 
the embryos of their grand-daughters; a condition known as ‘telescoping of 
generations’ (Awmack and Leather 2007). Essentially, this entails that an 
individual aphid has already completed about two-thirds of its development prior 
to its own birth (Awmack and Leather 2007). Consequently, aphids have 
extremely high growth and developmental rates, allowing aphid populations to 
rapidly reach levels that are damaging to crop plants. 
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During feeding, the salivary stylets of the aphid’s piercing-sucking 
mouthparts penetrate plant tissue to feed on phloem sieve elements. Moreover, 
the syringe-like stylets of aphid’s mouthparts efficiently facilitate the delivery of 
virions into plant cells (Ng and Perry 2004). Accordingly, as the most important 
vectors of plant viruses, aphids could present a distinctive challenge for their 
potential to transmit pathogens between food and fuel crops. Currently, there are 
more than 700 plant viruses described (van Regenmortel et al. 2000), of which 
nearly 40% (at least 275) are currently known to be transmitted by aphids (Nault 
1997). Additionally, only a small proportion of aphid species have been tested as 
virus vectors, suggesting the actual number of aphid vectors is likely much larger 
(Nault 1997, Katis et al. 2007). Nonetheless, at least 190 aphid species have 
been reported to transmit more than one plant virus (Nault 1997). 
Schrotenboer et al. (2011) noted that switchgrass could accumulate barley 
yellow dwarf virus (BYDV) infections, transmitted by many important cereal 
aphids, quickly under both natural and greenhouse conditions. Furthermore, 
more developed and productive cultivars were preferentially selected by 
Rhopalosiphum padi (L.) and were also most susceptible to the BYDV-PAV 
species (Schrotenboer et al. 2011). Although the impact that important viruses, 
such as BYDV, may have on switchgrass grown for biofuels is poorly understood, 
BYDV has been shown to significantly reduce biomass production in other native 
perennial grasses (Malmstrom et al. 2005). Further complicating the potential 
interactions between switchgrass and pests and/or pathogens is the prospective 
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of inadvertently producing more susceptible genotypes to pests and pathogens 
with breeding efforts for increases in biomass and biofuel conversion properties. 
 
Greenbug 
 Schizaphis graminum is a worldwide pest of Graminaceous plants, 
especially small grains (Blackman and Eastop 2000, Nuessly et al. 2008). 
Apterous S. graminum are small, elongate oval, with the thorax and abdomen 
yellowish green to bluish green with a darker spinal stripe (Blackman and Eastop 
2000). However, alatae have a brownish yellow head and prothorax, black 
thoracic lobes and a yellowish-green to dark-green abdomen (Blackman and 
Eastop 2000). 
The host range for S. graminum includes many important cereals and 
grasses, including Agropyron (wheatgrass), Avena (oat), Hordeum (barley), 
Oryza (rice), Panicum (panicgrasses), Poa (bluegrasses), Sorghum (sorghum), 
Triticum (wheat) and Zea (maize) (Michels Jr. 1986, Blackman and Eastop 2000, 
Nuessly and Nagata 2005). In total, at least 70 Graminaceous species have been 
reported as suitable hosts (Michels Jr. 1986). Schizaphis graminum pass through 
three nymphal instars directly into the adult stage in seven to nine days at 
temperatures between 60 and 80°F (Nuessly and Nagata 2005). Greenbugs 
have been documented with a longevity of up to 42 days (Nuessly et al. 2008), 
while a single female can produce about 80 offspring in 25 days and as many as 
five nymphs in a single day (Nuessly and Nagata 2005, Wright et al. 2006). 
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In cold temperate climates (e.g., the northern US), S. graminum are monoecious 
holocyclic on Poaceae, with overwintering occurring primarily on Kentucky 
bluegrass, Poa pratensis; however, S. graminum are anholocyclic in mild 
climates, wherever winter conditions will permit (Blackman and Eastop 2000).  
  
Yellow Sugarcane Aphid 
 Like the greenbug, S. flava is also a widespread pest of grasses and 
cereals. Sipha flava is believed to be native to North America (Nuessly 2005); 
however, it is now also widespread throughout South and Central America, and 
the Caribbean (Blackman and Eastop 2000). The apterae of S. flava are 1.3 to 
2.0 mm long, oval, yellow (or greenish yellow at low temperatures), with 
distinctive long bristle-like hairs forming paired, dusky transverse markings on the 
dorsum (Blackman and Eastop 2000). Alatae morphs are similar in size to 
apterae with a yellow abdomen and variable dark dorsal markings (Blackman 
and Eastop 2000). 
The yellow sugarcane aphid has been recorded on approximately 60 
species within diverse families such as Cyperaceae, Poaceae, and 
Commelinaceae (Blackman and Eastop 2000); however, most hosts belong to 
the family Poaceae (Kindler and Dalrymple 1999). Important crops and pasture 
grasses known to host S. flava include Hordeum (barley), Oryza (rice), Panicum, 
Saccharum (sugarcane), Sorghum (sorghum), Triticum (wheat) and Zea (maize) 
(Blackman and Eastop 2000, Nuessly 2005). In the US, S. flava is considered an 
important pest of sugarcane, Saccharum officinarum L., and an occasional pest 
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of small grains (Kindler and Dalrymple 1999). In warmer climates with mild 
winters, S. flava are anholocyclic; however, in climates with cold winters, yellow 
sugarcane aphids are monoecious holocyclic on Poaceae (Blackman and Eastop 
2000). Sipha flava pass through four nymphal instars before reaching 
reproductive maturity, which can take as few as eight days on sorghum (Hentz 
and Nuessly 2004). Moreover, a single female can produce up to five nymphs 
per day for approximately 22 days, on average, on S. bicolor and S. officinarum 
(Nuessly 2005). 
 
Cereal Aphid Screens on Switchgrass 
Screens of various grasses for two aphid species, the English grain aphid, 
Sitobion avenae (F.), and the apple grain aphid, Rhopalosiphum oxyacanthae 
(Schrank), showed that switchgrass was a very inefficient or non-host for both 
species (Coon 1959). Only 20% of S. avenae nymphs were able to survive on 
switchgrass for 6 days, while no adult S. avenae or R. oxyacanthae in any 
developmental stage survived the evaluation (Coon 1959). Kieckhefer (1984) 
evaluated the preference and reproduction of Schizaphis graminum (Rondani), 
R. padi, Rhopalosiphum maidis (Fitch), and S. avenae on warm-season grasses, 
finding none of the aphids reproduced successfully on seedling or mature 
switchgrass. 
Kindler and Dalrymple (1999) evaluated over 50 species of warm- and 
cool-season grasses for the relative development and reproduction of yellow 
sugarcane aphid, Sipha flava (Forbes). Switchgrass supported moderate S. flava 
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populations compared to all host grasses tested; however, when compared to 
more economically important hosts, such as sorghum, Sorghum bicolor (L.) 
Moench, barley, Hordeum vulgare L., and wheat, Triticum aestiuum L., yellow 
sugarcane aphid fecundity and longevity was among the lowest for switchgrass 
(Kindler and Dalrymple 1999). Another study, evaluating S. flava on an array of 
grasses, noted that a switchgrass cultivar, ‘Alamo’, was one of the most resistant 
of all species tested in Hawaii (Miyasaka et al. 2007). 
In a more detailed description of aphid performance on switchgrass, Burd 
et al. (2012) tested several switchgrass cultivars to a variety of important cereal 
aphids, demonstrating that S. graminum (biotypes I and Florida), R. padi, R. 
maidis, and S. flava all established on the switchgrasses tested. Furthermore, 
both biotypes I and Florida of S. graminum, and R. maidis were particularly 
virulent to the two-week-old switchgrasses tested, resulting in significant injury or 
death of the plants; however, evaluations for switchgrass plants at 4 weeks of 
age, showed that R. padi was either unable or less successful at colonizing the 
switchgrasses, while all aphids were generally less virulent (Burd et al. 2012). 
Infested switchgrasses were noted to produce fewer leaves when compared to 
uninfested controls, with both S. graminum biotypes (I and Florida) producing the 
greatest effect with 50 to 65% fewer leaves produced and 70 to 80% less leaf 
biomass, respectively (Burd et al. 2012). 
Koch et al. (2014b) also evaluated selected switchgrass populations to 
determine host suitability and plant damage differences to four important cereal 
aphid pests: S. graminum, R. padi, Diuraphis noxia (Mordvilko), and S. flava. 
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Results from these screens indicated that switchgrass was not a suitable feeding 
and reproductive host for R. padi and D. noxia, as all attempts to establish these 
aphids on the switchgrasses were unsuccessful (Koch et al. 2014b). This result 
for D. noxia appears to be consistent with earlier reports from Burd et al. (2012), 
likewise indicating that D. noxia did not establish on switchgrass. However, the 
results for R. padi in these two studies presents an interesting dichotomy. While 
results from (Koch et al. 2014b) did not indicate switchgrass was a suitable host 
for R. padi using slightly older plants (V2 stage), Burd et al. (2012) found that R. 
padi performed relatively well on two-week-old switchgrass, while Prasifka and 
Gray (2012) anecdotally noted that R. padi was relatively ubiquitous in 
switchgrass grown for biomass in Kentucky and Illinois, particularly during the 
first weeks after tiller emergence. Collectively, this suggests that plant 
developmental stage could be an important factor in the virulence of R. padi on 
switchgrass. 
In the same screening studies by Koch et al. (2014b), results for both S. 
graminum and S. flava corroborated the prior findings of Burd et al. (2012), 
indicating switchgrass as a suitable feeding and reproductive host for both 
species. Significant differences were also discovered among switchgrass 
cultivars for aphid abundance over time (cumulative aphid days: CAD) and plant 
damage ratings for both S. graminum and S. flava (Koch et al. 2014b). 
Specifically, Kanlow was determined to possess rather strong resistance relative 
to the other three populations of switchgrass tested, as indicated by its low CADs 
and minimal injury from aphid feeding (Koch et al. 2014b). 
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A Case for Plant Resistance 
Although many of the insects documented in switchgrass currently do not 
appear to pose an immediate threat, the recent discovery of new species and 
description of previously poorly understood species suggests an incomplete 
understanding of the ecology within this system. Further, while current 
knowledge of potential insect pest of switchgrass populations being developed 
for biomass production may be limited, previous work suggests that insect pests 
will emerge as production is increased in monoculture settings that are not as 
obvious in small and more diverse settings (Mitchell et al. 2008, Prasifka et al. 
2010, Prasifka and Gray 2012). Indeed, Prasifka et al. (2011b) noted that stem-
boring lepidopterans in switchgrass may already be ubiquitous, although not 
currently abundant enough to result in economic damage. However, one could 
reasonably envisage that increased plantings of monocultures may result in 
larger populations of pests that are currently moderated in smaller plantings.  
Furthermore, incorporation of insect resistant cultivars as part of a pest 
management strategy offers particular advantages in dedicated bioenergy 
feedstocks. Broadly, insect resistant cultivars offer an economic advantage to 
producers since control is genetically incorporated for the cost of the seed alone 
(Smith 2005). Accordingly, even relatively moderate levels of resistance can be 
combined with pesticide applications to reduce the costs of chemical inputs. 
Indeed, Smith (2005) noted that, in general, insect resistant cultivars also yield 
significantly greater returns per dollar invested than those spent on insecticide 
development. This is highly relevant since bioenergy is still a nascent sector with 
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relatively narrow profit margins compared to higher value food crops. Thus, for 
producers, insect resistant cultivars could play a valuable role in preserving profit 
margins by minimizing insecticide applications. While it has generally been 
assumed that narrow profit margins will circumvent unnecessary insecticide 
applications, Thomson and Hoffmann (2011) proposed an alternative 
interpretation where small profit margins could result in a tendency toward 
prophylactic or routine applications with cheap broad spectrum pesticides. 
Moreover, one particularly desirable quality of bioenergy feedstocks is the 
improved carbon balance, relative to fossil fuels. Generally, burning of bioenergy 
fuels derived from switchgrass is carbon neutral (Vogel et al. 2011) since the 
carbon was only recently fixed and a portion is sequestered back into the soil. 
Nonetheless, production of bioenergy does result in CO2 emissions during 
chemical applications, harvesting, transportation and processing of the 
feedstocks (Bouton 2008). Consequently, insect resistant cultivars can also have 
a positive ecological contribution in this system by mitigating the GHG emissions 
associated with chemical applications, and improve the net energy balance. 
Indeed, the development of switchgrass cultivars with resistance to insects offers 
potential for proactively managing insect pests of biomass crops with an 
environmentally and economically sustainable solution. 
 
Plant Resistance 
According to Smith (2005), “Plant resistance is the sum of the constitutive, 
genetically inherited qualities that result in a plant of one cultivar or species being 
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less damaged than a susceptible plant lacking these qualities.” Therefore, plant 
resistance to insects is a relative property, based on the comparative response of 
resistant and susceptible plants to the pest insect, given similar conditions (Smith 
1998). Currently, hundreds of insect-resistant cultivars are grown in the US, 
where they offer substantial economic and environmental benefits and have 
greatly advanced food production (Smith 1998, 2005). Consequently, plant 
resistance has become a major focus of breeding efforts and many of the major 
cereal crop cultivars now possess various levels of insect-resistance. Insect-
resistant plants also provide an attractive means for managing insect pests 
because they may reduce insecticide application, resulting in the reduction of 
input costs and harsh chemicals in the environment. Indeed, Schalk and Ratcliffe 
(1976) estimated that the production of insect resistant alfalfa, barley, maize, and 
sorghum cultivars in the US allowed for a 37% decrease in insecticide 
application. Furthermore, plant resistance has been demonstrated to reduce the 
spread of insect transmitted pathogens. Kishaba et al. (1992) demonstrated a 
significant reduction (31% - 74%) in the transmission of watermelon mosaic virus 
in resistant lines of muskmelon, Cucumis melo L., to the melon aphid, Aphis 
gossypii Glover. Plant resistance may even improve the efficiency of insect 
biological control agents, effectively synergizing the interactions between the 
insect-resistant plants and natural enemies by decreasing the vigor of the insect 
pest (Quisenberry and Schotzko 1994, Smith 1998, 2005). Understandably, this 
has made plant resistance one of the most effective and sustainable strategies 
for controlling insect pests. 
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Generally, plant resistance may be further distinguished into three 
categories, as originally described by Painter (1951): antibiosis, antixenosis (non-
preference), and tolerance. Antibiosis describes some plant quality that adversely 
affects the physiology or life history of an arthropod attempting to utilize the plant 
as a host (Smith 2005). In general, antibiosis may result from a number of plant 
mechanisms ranging from the production of toxic allelochemicals, such as 
alkaloids and ketones, to morphological and physical defenses, including 
trichome size, type or density. Further, even if the effect of an antibiotic response 
does not immediately kill the insect pest, significant reductions in overall fitness 
may be conferred by reduced body size and mass, and/or fecundity (Smith 
2005). 
Antixenosis is a term that describes any plant characteristic that affects 
the behavior of an arthropod pest, and is typically expressed as non-preference. 
According to Smith (2005), antixenosis may be conferred by physical barriers, 
including thickened plant epidermal layers, waxy deposits on leaves, stems, or 
fruits, or a change in trichome structure or density, not present on susceptible 
plants. Plant chemicals may also be important among antixenotic plants by acting 
as repellants to deter pests from feeding or ovipositing. Because of antixenotic 
factors, arthropod pests may abandon their efforts to consume, ingest or oviposit 
on an otherwise palatable plant (Smith 2005).  
According to Smith (1998), “tolerance is characterized by properties that 
allow a resistant plant to yield more biomass than a susceptible plant, due to the 
ability to withstand or recover from insect damage caused by insect populations 
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equal to those on plants of a susceptible cultivar.” In general, tolerance involves 
only plant characteristics and does not likely affect the pest arthropod, and is 
therefore significantly different from antixenosis and antibiosis (Reese et al. 
1994). Because plant tolerance to insect herbivores is a unique category of 
resistance and is likely often a polygenic trait, it is relatively poorly understood 
mechanistically to date. Nonetheless, some mechanisms for tolerance may 
include factors such as increased net photosynthetic rate, high relative growth 
rate, and pre-existing high levels of carbon stored in roots (Strauss and Agrawal 
1999). Tolerance generally offers several advantages over antibiosis and 
antixenosis; specifically, arthropod populations are not reduced from exposure to 
tolerant plants as they are on antibiotic and antixenotic plants. As a result, pest 
populations are more likely to remain avirulent to plant resistance genes of 
tolerant plants, since the selection pressure placed on the pest populations is 
assumed to be significantly less than the characteristically high pressure from 
antibiosis (Smith 2005). 
 
Plant Resistance to Aphids: Antibiosis/Antixenosis 
In general, phloem-based resistance to aphids has been reported in many 
systems including: M. persicae on resistant Prunus genotypes (Sauge et al. 
1998, Sauge et al. 2002); M. persicae and M. euphorbiae on resistant Solanum 
stoloniferum Schltdl. & Bouché (Alvarez et al. 2006, Le Roux et al. 2008, 
Machado-Assefh and Alvarez 2016); A. gossypii on resistant C. melo genotypes 
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(Kennedy et al. 1978); and Aphis glycines Matsumura on resistant soybeans, 
Glycine max (L.) Merr. (Diaz-Montano et al. 2007, Crompton and Ode 2010).  
Indeed, feeding behavior of many aphids has been relatively well characterized, 
including the cereal aphid, S. graminum, on sorghum and wheat (Campbell et al. 
1982, Montllor et al. 1983, Dreyer et al. 1984, McCauley Jr. et al. 1990, 
Formusoh et al. 1992, Morgham et al. 1992, Goussain et al. 2005, Pereira et al. 
2010). Montllor et al. (1983) evaluated the feeding of two S. graminum biotypes 
(C and E) on resistant and susceptible sorghum lines and determined differences 
between the biotypes in feeding behavior among the sorghum genotypes, 
especially in relation to sieve element access and acceptance. 
 Garzo et al. (2002) studied the feeding behavior of A. gossypii on 
susceptible and resistant melon genotypes (Cucumis melo L.) and found 
resistance factors in both pre-phloem and phloem tissue. Generally, aphids 
feeding on resistant lines were characterized by having an increased number of 
short probes before reaching the phloem, leading to longer durations of non-
probing with increased number of probes, indicating either chemical or physical 
deterrents present in the epidermis and mesophyll (Garzo et al. 2002). However, 
phloem-based resistance factors were also indicated by significantly shorter 
duration of the phloem ingestion on the resistant genotypes, relative to the 
susceptible entries (Garzo et al. 2002). Garzo et al. (2002) also suggested that 
the resistance mechanism found on the melon genotype TGR-1551 at the 
phloem level appeared to be physical because aphids that reached the phloem 
were typically unable to start ingestion, and presumably would not have been 
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able to detect the presence of any chemical deterrent compound. Other work has 
demonstrated evidence for potential physical phloem barriers, whereby large 
deposition of callose were detected around stylet sheaths produced by A. 
gossypii when feeding on the AR-5 resistant melon genotype (Shinoda 1993). 
Sieve Element Occlusion 
Sieve elements are especially sensitive to injury and rapidly react to 
damage with a variety of responses, including callose deposition in sieve plate 
pores (Knoblauch and van Bel 1998, Will and van Bel 2006, Piršelová and 
Matušíková 2012). Callose (-1,3-glucan) is a linear, high–molecular weight plant 
polysaccharide that plays an essential role in numerous plant developmental 
processes as well as defense against abiotic and biotic stressors. Generally, 
callose is relatively amorphous, forming helical structures with predominantly 1,3-
glycosidic bonds (Piršelová and Matušíková 2012). Callose is synthesized by an 
-1,3-glucan synthase (callose synthase) complex, which is associated with the 
plasma membrane (Verma and Hong 2001). Critically, callose deposition is one 
of the first steps in a plant’s response to wounding or pathogen attack. 
Consequently, callose produced in the cell wall outside the plasma membrane 
forms callose collars which may occlude the sieve pores (Will and van Bel 2006). 
This plugging of sieve plate pores via callose deposition after wounding by 
herbivores can quickly and efficiently reduce phloem conductivity, effectively 
inhibiting the nutrition flow for piercing-sucking insects (Will and van Bel 2006, 
Piršelová and Matušíková 2012). 
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Correspondingly, callose has been implicated in defense to piercing-
sucking insects in several systems (Kempema et al. 2007, Hao et al. 2008, Du et 
al. 2009, Betsiashvili et al. 2015). Kempema et al. (2007) documented that 
CALS1 mutant Arabidopsis plants with increased resistance to pathogens also 
had an increase in callose synthase gene (CALS1) RNAs after silverleaf whitefly, 
Bemisia tabaci (Gennadius), feeding. Moreover, the CALS1 mutants also 
displayed significant callose deposition around whitefly feeding sites, indicating 
callose deposition may be an important part of Arabidopsis’ induced defenses to 
whitefly feeding (Kempema et al. 2007). Likewise, Hao et al. (2008) 
demonstrated that brown planthopper, Nilaparvata lugens Stål, feeding also up-
regulated callose synthase genes in rice, Oryza sativa, and induced callose 
deposition in the sieve elements around the planthopper stylet tips. Further, Hao 
et al. (2008) reported that the callose deposits remained intact in the resistant 
plants, maintaining the sieve element occlusion, while genes encoding -1,3- 
glucanases were up-regulated in the susceptible plants, causing unplugging of 
the sieve tubes. 
Furthermore, benzoxazinoids are relatively ubiquitous in Gramineae and 
some evidence suggests that the benzoxazinoid, 2,4-dihydroxy-7-methoxy-1,4-
benzoxazin-3-one (DIMBOA), may be present in switchgrass (Lin et al. 2008). In 
maize, DIMBOA-Glc is activated by glucosidases to DIMBOA upon insect 
feeding, which then activates insect-deterrent metabolites (Gierl and Frey 2001, 
Betsiashvili et al. 2015). Crucially, DIMBOA has also recently been demonstrated 
to function as an extracellular signal for induced callose deposition in maize 
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(Ahmad et al. 2011, Betsiashvili et al. 2015). Indeed, Ahmad et al. (2011) 
demonstrated that R. padi induced apoplastic accumulation of DIMBOA-glc and 
DIMBOA after 48 h of feeding. Moreover, benzoxazinoid deficient maize lines had 
significantly lower amounts of callose deposition when treated with chitosan 
(Ahmad et al. 2011). Finally, apoplast infiltration of the maize lines with DIMBOA 
triggered callose deposition in a dose-dependent manner, collectively suggesting 
that DIMBOA plays a key role as an extracellular signal for callose deposition in 
response to pathogen and/or aphid attack (Ahmad et al. 2011).  
In the family Fabaceae, forisomes may play a crucial role in resistance to 
aphids by occluding sieve elements. In typical sieve elements, forisomes are in a 
condensed state that does not interfere with the flow of sap, but once the sieve 
element is wounded, they rapidly switch to a dispersed confirmation that plugs 
the sieve element and occludes the flow of sap (Knoblauch et al. 2001, Medina-
Ortega and Walker 2013). In faba bean, Vicia faba L., the specialist aphid, 
Acyrthosiphon pisum (Harris), did not trigger sieve element occlusion via 
forisomes and the aphids only required short bouts of sieve element salivation 
(<60 s) before transitioning to prolonged periods of sap ingestion (Walker and 
Medina-Ortega 2012, Medina-Ortega and Walker 2013). However, when two 
generalist aphids, Myzus persicae (Sulzer) and Macrosiphum euphorbiae 
(Thomas), were allowed to probe V. faba, the aphids generally engaged in long 
periods of sieve element salivation and were usually unable to transition to sap 
ingestion, while plants responded by triggering forisomes to occlude sieve 
elements (Medina-Ortega and Walker 2015). Crucially, when faba bean leaves 
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were treated with a calcium channel blocker to prevent forisome occlusion, M. 
persicae were able to readily ingest phloem sap, demonstrating that forisome 
occlusion is indeed the cause of the sap ingestion inhibition in V. faba to the 
generalist aphids (Medina-Ortega and Walker 2015). 
 
Plant Defense Pathways 
As sessile organisms, plants utilize a sophisticated sensory system to 
perceive signals rapidly from their environment and subsequently mount 
appropriate biochemical and physiological responses to combat their barrage of 
attackers. Although information on the recognition processes in plant-insect 
interactions has been more limited, recent studies have revealed obvious 
similarities in signaling pathways between plant-pathogen and plant-herbivore 
interactions (Walling 2000, Maffei et al. 2007a, Mithofer and Boland 2008). 
Accordingly, typical localized events induced by herbivore injury include 
heightened fluxes of Ca2+ ions (as well as Na+ , K+ and Cl−) resulting in 
temporary changes of cell membrane potentials and possible collapse of 
membrane integrity in injured plant cells (Maffei et al. 2007b, Mithofer and Boland 
2008, Wu and Baldwin 2010), activation of kinase cascades (Schwachtje et al. 
2006, Wu and Baldwin 2010), as well as rapid generation of reactive oxygen 
species (Maffei et al. 2007b, Mithofer and Boland 2008). Ca2+ is especially 
important in signaling cascades, triggering downstream actions through 
calmodulins, calmodulin-binding proteins, calcium-dependent protein kinases 
(CDPKs), and ROS production (Wu and Baldwin 2010). In addition, regulation of 
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jasmonic acid (JA), salicylic acid (SA), and ethylene (ET) (Walling 2000, Kessler 
and Baldwin 2002, Maffei et al. 2007a), induction of defense-related genes 
(Baldwin et al. 2001, Zavala et al. 2004), and synthesis of secondary metabolites 
(Mithofer and Boland 2008) may also occur, producing a broader systemic 
response. 
Generally, two modes have been suggested for plant defense responses 
to insect herbivores. First, plants may initiate defense cascades from resistance 
(R) genes via the perception of pattern recognition receptors (PRRs) that 
recognize herbivore associated molecular patterns (HAMPs) or herbivore-
associated elicitors (HAEs) and initiate a signaling cascade culminating in a 
basal defense strategy (Mithofer and Boland 2008, Hogenhout and Bos 2011, 
Heil et al. 2012, Santamaria et al. 2013). Resistance (R) genes generally encode 
for proteins with nucleotide binding (NB) and leucine rich repeat (LRR) domains, 
or NB-LRR proteins. The interaction of NB-LRR proteins with either a modified 
host protein or a pathogen/herbivore protein may result in conformational 
changes in the NB-LRR protein, triggering downstream signaling events 
(DeYoung and Innes 2006). Presumably, these early signaling events follow the 
same model as pathogen/microbe associated molecular patterns (PAMP/MAMP) 
triggered immunity (Jones and Dangl 2006, Wu and Baldwin 2010). In response 
to initial insect feeding, there is increased Ca2+ signaling, production of reactive 
oxygen species (ROS) and the activation of mitogen-activated protein kinase 
(MAPK) cascades and transcription factors, including WRKYs, NACs and MYBs 
which are defense associated plant transcription factors (Maffei et al. 2007a, Wu 
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and Baldwin 2010, Santamaria et al. 2013). Moreover, mounting evidence also 
suggests that ROS signaling is closely related to hormone signaling, particularly 
the JA pathway (Kwak et al. 2006, Foyer and Noctor 2013, Santamaria et al. 
2013).  
 Notably, MAPK signaling is a well-conserved pathway that regulates 
various cellular processes in eukaryotes and has a critical role in stress signaling 
in plants, mediating responses to various stimuli (Wu and Baldwin 2010). In 
plants, MAPKs phosphorylate their substrates, which are mainly transcription 
factors, in turn triggering downstream reactions (Hazzalin and Mahadevan 2002, 
Wu et al. 2007). For example, two Nicotiana tabacum MAPKs, salicylic acid–
induced protein kinase (SIPK) and wound-induced protein kinase (WIPK), are 
rapidly activated after herbivore wounding and act as upstream signaling 
components regulating wound-elicited JA, JA-Ile/JA-Leu conjugate, SA, and ET 
biosynthesis (Wu et al. 2007). 
Additionally, a second model for plant defense responses involves effector 
triggered immunity (ETI). Effector triggered immunity involves a specific 
resistance mediated by distinct nucleotide binding site-leucine rich repeat (NBS-
LRR) proteins encoded by R genes (Jones and Dangl 2006, Hogenhout and Bos 
2011). Crucially, this specific response is generally more fine-tuned and involves 
recognition of an insect feeding, or its activity, and is followed by the activation of 
the systemic acquired resistance (SAR). Essentially, when the aphid begins 
feeding, elicitors produced by the aphid interact with CC-NBS-LRR receptors to 
transduce an extracellular recognition event into an intracellular signaling 
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cascade to trigger a host resistance response (Bonaventure 2012, Santamaria et 
al. 2013). These responses include localized cell death, structural fortifications 
such as cell-wall strengthening via lignin and cellulose disposition, as well as 
biochemical and molecular associated defenses (Kessler and Baldwin 2002, 
Kerchev et al. 2012).  
Leaf senescence resulting in the programmed degradation of cellular 
components has been demonstrated to be an important mode of resistance in 
Arabidopsis to M. persicae feeding. Essentially, premature leaf senescence 
results in the export of nutrients out of the senescing leaf, effectively limiting 
aphid growth (Pegadaraju et al. 2005, Louis and Shah 2015). Indeed, increased 
expression of SENESCENCE ASSOCIATED GENES (SAGs) results in 
hypersenescence and enhanced resistance to M. persicae in WT and cpr5 
mutant Arabidopsis, relative the pad4 mutant (Pegadaraju et al. 2005). 
Specifically, the PHYTOALEXIN DEFICIENT4 (PAD4) gene, which is expressed 
at elevated levels in response to M. persicae feeding, encodes for a 
nucleocytoplasmic protein complex (PAD4–EDS1) that promotes accumulation of 
SA and regulation of defense-related genes (Louis and Shah 2013, 2015). 
However, M. persicae resistance is compromised in the pad4 mutant, with 
delayed chlorophyll loss, cell death and SAG expression (Pegadaraju et al. 
2005). Interestingly, PAD4-mediated resistance apparently does not directly 
require the nucleocytoplasmic protein complex or SA (Moran and Thompson 
2001, Pegadaraju et al. 2005, Louis and Shah 2015). 
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Jasmonic acid and related signaling compounds appear to be ubiquitous 
signals for plant injury and the subsequent activation of defense responses to 
many insect herbivores, although the SA pathway is often induced by phloem-
feeders, such as aphids and whiteflies (Walling 2009). For example, Du et al. 
(2009) reported that expression of a CC-NBS-LRR encoding gene, Bph14, in O. 
sativa activated the SA pathway and conferred resistance to the brown 
planthopper. Specifically, transcript levels of the SA synthesis-related genes 
EDS1, PAD4, PAL and ICS1 were all found to be higher in the transgenic 
resistant plants, relative to the wild-type plants after brown planthopper 
infestation, while there was no significant difference in transcript levels of the JA 
synthesis-related genes among any of the plants (Du et al. 2009).  
Electronic penetration graph (EPG) studies for resistant tomato lines, 
Lycopersicon esculentum Miller, with the resistance gene, Mi, indicated that M. 
euphorbiae phloem feeding was disrupted on resistant lines relative to the 
susceptible lines (Kaloshian et al. 2000). However, the reduction in duration of 
sieve element phase activities was not a result of physical barriers or plant 
chemistry preventing the aphid from locating the sieve element, since there was 
no significant difference in the time required for aphids to achieve their first sieve 
element contact on resistant and susceptible plants (Kaloshian et al. 2000).  
Moreover, Kaloshian et al. (1997) found that Mi-1-mediated resistance 
resulted in 100% mortality of M. euphorbiae within only 10 days. Additionally, Mi-
1.2 has now been sequenced, a distinction of only a few arthropod resistance 
genes to date, and identified as a CC-NBS-LRR (coiled coil–nucleotide binding 
  
34 
site–leucine rich repeat) gene (Smith and Clement 2012). The LRR region of Mi-
1.2 signals programmed cell death (Smith and Clement 2012), while a gene-for-
gene interaction has been proposed, where Mi-1.2 and aphid elicitors interact to 
trigger signaling cascades that quickly activate plant defenses against aphids 
(Hwang et al. 2000, Dogimont et al. 2010). In Cucumis melo L., a dominant 
locus, Vat, also encodes for a CC-NBS-LRR protein which confers a high level of 
resistance to A. gossypii characterized by reduced feeding, fecundity, and aphid 
survival. Vat-mediated resistance appears to result in a broad-spectrum 
response, including a microscopic hypersensitive response (HR), deposits of 
callose and lignin, and a micro-oxidative burst at A. gossypii sites (Shinoda 1993, 
Villada et al. 2009, Dogimont et al. 2014). So far, numerous NBS-LRR R genes 
have been identified to various insects with several documented responses, 
including localized cell death, structural fortifications, and biochemical and 
molecular associated defenses (Kessler and Baldwin 2002, Kerchev et al. 2013). 
However, while many R genes have been identified which effectively provide 
aphid control (e.g., Rag genes in soybean for soybean aphid control or Dn genes 
in wheat against Russian wheat aphid), identification of specific mechanisms and 
the signaling cascades activated by those genes is still rather immature. 
 
Plant Resistance to Aphids: Tolerance 
To date, the most extensive research involving tolerance mechanisms to 
insects has involved cereal resistance to aphids. Presumably, tolerance is 
typically a complex polygenic trait; however, two specific physiological 
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mechanisms have emerged as trends in tolerant plants. Specifically, tolerant 
plants frequently respond to insect herbivory with (1) increased photosynthetic 
activity (Burd and Elliott 1996, Girma et al. 1998, Haile et al. 1999, Botha et al. 
2006, Heng-Moss et al. 2006, Franzen et al. 2007, Murugan et al. 2010, Luo et 
al. 2014, Cao et al. 2015) and/or (2) up-regulation of detoxification mechanisms 
to counteract deleterious effects of insect herbivory (Heng-Moss et al. 2003, 
Passardi et al. 2005, Gulsen et al. 2007, Gutsche et al. 2009, Kerchev et al. 
2012, Ramm et al. 2013). 
The most commonly reported mechanism of tolerance to aphids has 
involved photosynthetic activity. Experiments in sorghum hybrids, a related 
warm-season grass, showed that photosynthetic rates of resistant sorghum 
plants were unaffected by S. graminum feeding for short durations, while 
susceptible plants had a significant reduction in photosynthetic rates; however, 
the tolerance of the resistant plants was overcome with longer durations of S. 
graminum feeding (Nagaraj et al. 2002). Further, Nagaraj et al. (2002) suggested 
that the tolerance might be the result of the inability of salivary toxins from S. 
graminum to interact with specific targets in the host plant or longer times needed 
to cause injury in resistant lines. 
In many cases, susceptible plants respond to aphid feeding with general 
reductions in total chlorophyll and carotenoids, while tolerant plants may be able 
to avoid these reductions. For example, Heng-Moss et al. (2003) reported 
reductions in concentrations of chlorophyll a and b and carotenoid on susceptible 
wheat lines in response to D. noxia feeding, suggesting that its feeding possibly 
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damages the light harvesting complex II, where these chromophores are 
important. However, in the aphid resistant isolines, chlorophyll concentrations 
were similar between control and infested plants, suggesting that aphid feeding 
may have less effect on chlorophyll loss in D. noxia tolerant wheat lines (Heng-
Moss et al. 2003). Likewise, Botha et al. (2006) also reported a significant 
decrease of total chlorophyll in a susceptible wheat line when fed upon by D. 
noxia, compared to the resistant wheat. Specifically, chloroplast ATP synthase 
(cpATPase) appeared to be an important compensatory mechanism to D. noxia 
injury by maintaining photosynthetic activity, since the resistant wheat line had a 
significantly higher expression of chloroplast cpATPase, relative to the 
susceptible wheat (Botha et al. 2006). Indeed, increased photosynthetic activity 
has been corroborated in many examples of tolerance to aphids and other 
hemipterans (Burd and Elliott 1996, Girma et al. 1998, Haile et al. 1999, Botha et 
al. 2006, Heng-Moss et al. 2006, Franzen et al. 2007, Murugan et al. 2010, Luo 
et al. 2014, Cao et al. 2015). 
  In aphid tolerant wheat and barley, the rate of ribulose bisphosphate 
(RuBP) regeneration may also play a crucial role in tolerance (Franzen et al. 
2007, Gutsche et al. 2009). As estimated from gas exchange measurements, the 
rate of RuBP regeneration was maintained in the aphid tolerant plants after D. 
noxia infestation, whereas susceptible plants showed accelerated declines in 
RuBP regeneration (Franzen et al. 2007, Gutsche et al. 2009). In another D. 
noxia tolerant wheat line, Haile et al. (1999) showed that the chlorophyll 
fluorescence yield was similar between control and infested leaves. On the other 
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hand, both susceptible and antibiotic wheat lines exhibited reduced chlorophyll 
fluorescence yield and were unable to recover (Haile et al. 1999). Taken 
together, this suggests that D. noxia injury may have resulted in a disruption of 
the electron transport system reducing light absorption for photosynthesis in the 
susceptible and antibiotic lines, whereas the tolerant wheat line was able to avoid 
this disruption (Haile et al. 1999). 
In addition to photosynthetic activity, up-regulation of detoxification 
enzymes to counteract deleterious effects of herbivory has also been shown to 
play an important role in insect tolerant plants. In response to initial insect 
feeding, reactive oxygen species (ROS) have been recognized as crucial early 
signals, integrating environmental information and regulating stress tolerance 
(Kerchev et al. 2012, Foyer and Noctor 2013). Moreover, mounting evidence is 
also suggesting that ROS signaling is closely related to hormone signaling, 
fundamental to plant defense responses against herbivores (Foyer and Noctor 
2005, Kwak et al. 2006, Mittler et al. 2011, Kerchev et al. 2012, Foyer and Noctor 
2013, Santamaria et al. 2013). For example, the SA signaling pathway, 
regulation of programmed cell death (PCD), and the induction of pathogenesis-
related (PR) proteins associated with systemic acquired resistance may all be 
related to ROS signaling (Foyer and Noctor 2005, Foyer et al. 2016).  
While plants normally display exceptional redox control, using ROS and 
antioxidants to regulate numerous aspects of their biology including metabolism, 
growth, development and gene expression patterns (Apel and Hirt 2004, 
Kotchoni and Gachomo 2006, Maffei et al. 2007a, Wu and Baldwin 2010, Foyer 
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and Noctor 2013, Santamaria et al. 2013), oxidative burst in response to 
environmental stresses may lead to generation of excessive ROS (Kotchoni and 
Gachomo 2006). Under normal conditions, those ROS would be rapidly 
detoxified, governed by the presence of enzymes and collections of antioxidants 
that remove and buffer against oxidants to maintain cellular redox homeostasis 
(Foyer and Noctor 2005, 2013). However, in the event that ROS is not efficiently 
removed and allowed to accumulate in excess, it can become toxic to plant cells 
by rapidly oxidizing and damaging cellular components, and ultimately leading to 
cell death (Foyer and Noctor 2005, Kotchoni and Gachomo 2006).  
Several studies have suggested that tolerant plants appear to counteract 
deleterious effects of ROS quenching failures associated with end-product 
inhibition of photosynthesis in response to phloem-feeding insects through up-
regulation of detoxification mechanisms (Heng-Moss et al. 2004, Franzen et al. 
2007, Gutsche et al. 2009, Smith et al. 2010, Ramm et al. 2013, Sytykiewicz et 
al. 2014, Ramm et al. 2015). In maize seedlings infested with R. padi, superoxide 
anion radicals (O2-) were significantly increased; however, a significant increase 
in the transcriptional activity of glutathione transferase (gst) genes was also 
characteristic of resistant plants, relative to the susceptible variety (Sytykiewicz et 
al. 2014). Indeed, GSTs are central to redox balance in plant cells, and have 
been implicated in resistance to exogenous stress (Perez and Brown 2014). 
Certainly, this suggests a potential role of GST in limiting the adverse effects of 
oxidative stress within the resistant maize (Sytykiewicz et al. 2014). Similarly, 
Smith et al. (2010) revealed that a D. noxia tolerant wheat line had elevated 
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levels of transcripts related to ROS metabolism, including peroxidases (POX) 
and GST, whereas the susceptible line showed an increase in auxin (AUX) 
related transcripts and lacked the up-regulation of ROS metabolism related 
transcripts. 
 
Plant Resistance in Switchgrass 
To date, limited work has been conducted to investigate plant resistance 
among switchgrass populations to potential insect pests. Dowd and Johnson 
(2009) noted that the apparent lack of insect pest problems in switchgrass 
suggests that insect resistance genes are present. In recent studies to evaluate 
switchgrass for resistance, differential levels of resistance were documented 
among switchgrass populations to S. frugiperda (Dowd and Johnson 2009, Dowd 
et al. 2013). In a screen of both tetraploid and octoploid upland switchgrass 
cultivars in multiple developmental stages, the cultivar ‘Dacotah’ was consistently 
among the most heavily damaged cultivars by S. frugiperda feeding, while 
‘Trailblazer’ showed the highest levels of resistance in the seedling stage and 
‘Blackwell’ was among the most resistant cultivars among older plants (Dowd 
and Johnson 2009). Furthermore, Dowd and Johnson (2009) examined 
representatives of several classes of resistance genes reported to confer 
resistance to caterpillars and diseases in other systems, and noted difference 
among switchgrass cultivars in expression of two main peroxidase isozymes, as 
well as differences in the sequence for cationic peroxidase, which is homologous 
to cationic peroxidase in maize-associated insect resistance. Scully et al. (2016) 
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also found that a switchgrass peroxidase (Pavir.Ba00167) was expressed at 
significantly higher levels in plants infested with S. graminum; however, the 
actual contribution of this peroxidase to tolerance/resistance is unclear. 
Koch et al. (2014a) evaluated the categories of resistance for three 
switchgrass populations to S. flava and S. graminum. Crucially, Kanlow 
consistently supported the lowest mean aphid numbers at all time points and 
infestation levels for both S. graminum and S. flava, indicating strong resistance 
in Kanlow, relative to the other populations tested (Koch et al. 2014a). 
Interestingly, Summer and KxS [a hybrid originally derived by intermating Kanlow 
(male) and Summer (female) plants] had an inverse response with S. graminum 
and S. flava. Specifically, tolerance indices and aphid bioassays indicated that 
the switchgrass population Summer possesses tolerance and possibly low levels 
of antibiosis to S. graminum, while the hybrid switchgrass, KxS, had low levels of 
antibiosis along with possible low levels of tolerance to S. flava (Koch et al. 
2014a). In addition, choice studies on the same three switchgrasses were 
performed to evaluate for S. graminum and S. flava preference. Although no 
differences were observed for S. flava among any of the switchgrasses, S. 
graminum displayed a preference for KxS after 24 hours following introduction; 
corroborating the susceptibility of KxS to S. graminum from the previous study 
(Koch et al. 2014c).  
Finally, EPGs were used to evaluate S. graminum feeding behavior. 
Recordings showed that S. graminum were unable to spend as much time 
feeding in the sieve elements on Kanlow, spending over three-fold more time in 
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the sieve elements on KxS and Summer (Koch et al. 2014c). In addition, Kanlow 
had a potential phloem ingestion index (PPII) value (± SEM) of 12.1 ± 5.6, which 
was significantly lower than both KxS (47.6 ± 9.1) and Summer (44.4 ± 7.4) 
(Koch et al. 2014c). The PPII parameter is a corrected index used to determine 
the acceptability of phloem, and measures the percentage of time the insect 
spends in sieve elements, with the registration time to the first sieve element 
subtracted. Indeed, while 70 and 95 percent of aphids were able to feed in 
phloem sieve elements for sustained periods (i.e., longer than 10 minutes) on 
KxS and Summer, respectively, only 35 percent of aphids tested on Kanlow were 
able to achieve sustained phloem feeding (Koch et al. 2014c). Together, this 
indicates that Kanlow does have a significant impact on S. graminum feeding 
behavior and that resistant factors are likely located in the phloem sieve 
elements. 
Donze-Reiner et al. (2017) performed a transcriptional analysis of 
Summer switchgrass challenged by S. graminum. Summer plants infested with 
S. graminum displayed a dramatic upregulation in defensive genes families, 
including pathogenesis responsive (PR) genes, chitinases, proteases, inhibitors 
of insect digestive enzymes, and NBS-LRR proteins (Donze-Reiner et al. 2017). 
With a broad range of transcriptional differences between control and infested 
plants, Donze-Reiner et al. (2017) concluded that the net result appeared to be a 
broad scale defensive response, starting with the downregulation of primary 
metabolism to potentially starve S. graminum of nutrients and minerals, followed 
by the production of defense metabolites, cell wall fortification, and the induction 
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of a number of cytochrome P450s and terpene cyclases. Ten days after 
treatment, infested Summer plants displayed a significant upregulation of 
defense-associated genes, including WRKY transcription factors (Donze-Reiner 
et al. 2017), which are key regulators of plant biotic and abiotic stress responses 
and may allow a shortcut of the effector triggered immunity (ETI) pathway, 
leading to defense gene activation (Rushton et al. 2010). Finally, (Donze-Reiner 
et al. 2017) reported a recovery in primary metabolism at 15 days after 
infestation, potentially underlying the moderate tolerance of Summer to S. 
graminum reported in previous studies. 
In addition to its potential role in signaling PAMP-induced callose 
deposition, DIMBOA is a major hydroxamic acid found in many grass crops 
including wheat and maize, and confers toxicity to many important insect pests 
including S. graminum and R. padi (Corcuera 1990). Some evidence suggests 
that DIMBOA may be present in switchgrass (Lin et al. 2008) and, accordingly, 
could be an important resistance factor in switchgrass; however, further studies 
are needed to confirm this evidence. Lee et al. (2009) characterized three 
steroidal saponins produced by switchgrass, including protodioscin. Subsequent 
studies demonstrated that protodiodcin inhibited growth of Helicoverpa zea 
Boddie and S. frugiperda by 28.8 and 29.4%, respectively (Dowd et al. 2011). 
Correspondingly, Prasifka et al. (2011a) noted that older leaves of Kanlow had 
high levels of protodioscin and were more resistant to M. unipuncta; however, 
exact mechanisms of saponin toxicity are poorly understood. 
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Plant Resistance: Conclusions 
One of the major impediments to the biochemical conversion of 
switchgrass biomass into liquid fuels is lignin content (Dien et al. 2008); however, 
the development of switchgrasses with reduced lignin content may consequently 
have detrimental effects on plant resistance as well. Lignin is the generic term for 
a large group of aromatic polymers that may serve as a matrix around the 
polysaccharide components of some plant cell walls, providing additional rigidity 
and strength (Whetten and Sederoff 1995, Vanholme et al. 2010), and has also 
been implicated as a resistance factor against several insect pests (Dowd et al. 
2013). Dowd and Johnson (2009) also noted in screens that no correlation 
seemed evident between plant resistance to S. frugiperda and lignin content, with 
‘Trailblazer’, which was developed for better forage quality and lower lignin, 
having among the highest levels of resistance in the screen. Similarly, screens 
for resistance to S. frugiperda among hybrid crosses between ‘Summer’ and 
‘Kanlow’ switchgrasses showed little correlation between plant resistance and 
lignin content, with modest correlation occurring only in early season (spring 
green up) plants (Dowd et al. 2013). Accordingly, current information suggests 
that reduced lignin content may not adversely affect yield or other production 
factors, with other important resistance mechanisms present in switchgrasses. 
Plant resistance to aphids may be particularly valuable since many pest 
aphid species are resistant to many insecticides, including important cereal pests 
such as S. graminum (Devonshire and Field 1991, Zhu et al. 2000, Zhu and He 
2000). Additionally, plant resistance could play an intimate role in virus 
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transmission by aphids in switchgrass. Previous work has demonstrated that 
some persistently transmitted viruses, such as barley yellow dwarf virus, are 
phloem restricted and typically requires several hours of feeding before a healthy 
aphid may acquire the virus, or transmit it to a healthy plant (Power 1991, Prado 
and Tjallingii 1994). Accordingly, resistant plants that limit phloem feeding by the 
aphid, either through antibiosis or antixenosis, may reduce the vector efficiency 
of aphids for the transmission of phloem-based, persistent viruses. However, 
increased probing has also been associated with resistant plants and the 
tendency to produce many short and separate probes on resistant plants could 
be responsible for an increase in non-persistent virus transmission, which may 
be acquired or transmitted by the aphid in as little as seconds (Kaloshian et al. 
2000). Because aphids lack chemosensory organs on their stylets, sampling of 
sap from individual cells (likely sampling each cell encountered during stylet 
penetrations) plays an important role in host acceptance, and as a result, non-
persistent virus transmission (Tjallingii 1994, Nault 1997). Accordingly, (Powell et 
al. 1992) showed a positive correlation with acquisition and inoculation of the 
potato virus Y potyvirus, and acquisition of beet mosaic potyvirus with cell 
membrane punctures by Brachycaudus helichrysi (Kaltenbach) and 
Drepanosiphum platanoides (Shrank). Therefore, it will be important to 
understand feeding behavior of sucking insects in switchgrass. 
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Chapter 2 
Evaluation of Greenbug and Yellow Sugarcane Aphid Feeding Behavior on 
Resistant and Susceptible Switchgrass Cultivars 
 
 
Introduction 
Switchgrass, Panicum virgatum L., is a perennial, polyploid warm-season 
grass native to tallgrass prairies of North America, east of the Rocky Mountains 
(Vogel 2004, Mitchell et al. 2008, 2012) and has been recognized to have 
excellent potential as a biomass crop (Bouton 2008, Sanderson and Adler 2008, 
Sarath et al. 2008, Casler 2012). Limited attention has been given to potential 
pest issues in this nascent sector; however, it is anticipated that important pests 
will emerge with increases in production. Indeed, studies to date indicate that 
switchgrass will not be immune to pests (Prasifka et al. 2010, Prasifka et al. 
2011a, 2011b, Burd et al. 2012, Koch et al. 2014b, Donze-Reiner et al. 2017). 
Accordingly, the long-term sustainability of switchgrass as a biomass crop will 
require efforts directed at improved biomass yields under a variety of biotic and 
abiotic stressors. 
One particularly attractive method for controlling insect pests is plant 
resistance (Smith 2005, Smith and Boyko 2007). Differential resistance to 
potential insect pests has been demonstrated in various switchgrass cultivars, 
suggesting that insect-resistant traits could be amenable for future manipulations 
within breeding programs. For example, Dowd and Johnson (2009) found 
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differential resistance among several octoploid switchgrass cultivars to the fall 
armyworm, Spodoptera frugiperda (J.E. Smith), while Koch et al. (2014a, 2014c) 
demonstrated similar findings in tetraploid switchgrasses for two important cereal 
aphids, the greenbug, Schizaphis graminum (Rondani), and the yellow 
sugarcane aphid, Sipha flava (Forbes). 
Aphids are especially important crop pests in temperate regions, and can 
cause plant damage by removing photo assimilates and/or transmitting a large 
array of plant viruses (Blackman and Eastop 2000, Smith and Boyko 2007). 
During feeding, the aphid’s stylets penetrate plant tissue to passively feed on 
phloem sieve elements (Prado and Tjallingii 1997, Tjallingii 2006, Diaz-Montano 
et al. 2007, Smith and Boyko 2007), and these penetrations can be monitored by 
the electrical penetration graph (EPG) technique (Tjallingii 2006). The EPG 
technique allows the recording of signal waveforms corresponding to different 
probing activities as well as the position of the stylet tips within the plant tissues 
(Tjallingii 2006), which can provide valuable information on host acceptance and 
resistance mechanisms at the plant tissue level (van Helden and Tjallingii 2000, 
Jiang et al. 2001, Crompton and Ode 2010).  
Koch et al. (2014c) used the EPG technique to demonstrate that 
greenbugs were unable to sustain phloem ingestion on a resistant switchgrass 
cultivar, Kanlow, in the V1 developmental stage, although phloem was readily 
accessible. Accordingly, the repeated short phloem bouts of greenbugs on 
Kanlow indicated that sieve element occlusion could contribute to aphid 
resistance in this cultivar. Similar resistance has been reported previously for 
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piercing-sucking insects (Kempema et al. 2007, Hao et al. 2008, Du et al. 2009, 
Betsiashvili et al. 2015), with callose (-1,3-glucan) presumably limiting the 
insects access to nutrients by plugging of the sieve plate to reduce phloem 
conductivity (Will and van Bel 2006). 
Callose is a linear, high–molecular weight plant polysaccharide that plays 
an essential role in numerous plant developmental processes, including defense 
against abiotic and biotic stressors (Knoblauch and van Bel 1998, Will and van 
Bel 2006, Piršelová and Matušíková 2012). Callose is synthesized by 
plasmamembrane associated callose synthases (-1,3-glucan synthases) 
(Verma and Hong 2001). In response to injury, callose synthesis and deposition 
is triggered by an influx of Ca2+ into the sieve element (Knoblauch et al. 2001).  
Insect herbivory is frequently associated with increased callose deposition at or 
close to sites of insect feeding. For example, Hao et al. (2008) demonstrated that 
brown planthopper, Nilaparvata lugens Stål, feeding up-regulated callose 
synthase genes in rice, Oryza sativa, and induced callose deposition in the sieve 
elements around the planthopper stylet tips. Moreover, the callose deposits 
remained intact for several days in the resistant plants, maintaining the sieve 
element occlusion, while genes encoding -1,3-glucanases were up-regulated in 
the susceptible plants, causing unplugging of the sieve tubes (Hao et al. 2008). 
Prior work indicated that the yellow sugarcane aphid was far more 
successful in colonizing switchgrass as compared to greenbugs, suggesting a 
greater potential to use switchgrass as a host (Burd et al. 2012, Koch et al. 
2014a, Koch et al. 2014b), and these studies also indicated that switchgrass 
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resistance/susceptibility to aphids may change with plant development (Burd et 
al. 2012, Koch et al. 2014b). Here, yellow sugarcane aphid feeding behavior on 
resistant and susceptible switchgrasses at multiple plant developmental stages 
using the EPG technique was evaluated. Additionally, greenbug feeding behavior 
was also evaluated on switchgrasses at the V3 developmental stage to explore 
the role of plant development on aphid feeding behavior. Finally, three separate 
approaches were used to examine sieve element occlusion via callose as a 
resistance mechanism in switchgrass. 
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Materials and Methods 
Plant material. Electrical penetration graphs were analyzed among two 
switchgrass cultivars (populations), ‘Kanlow’ and ‘Summer’, and one 
experimental strain, KxS, derived by intermating Kanlow (male) and Summer 
(female) plants to produce hybrids. Kanlow is a lowland-tetraploid cultivar that 
originated from switchgrass collected near Wetumka, OK, while Summer is an 
upland-tetraploid cultivar, derived from plants collected near Nebraska City, NE 
(Alderson and Sharp 1994, Mitchell et al. 2008). The experimental strain, KxS 
(HP1 C1 High Yield strain), was developed by Dr. Kenneth Vogel, USDA- ARS 
(Retired), Lincoln, NE who also provided seed of the cultivars. 
Insect colonies. Feeding behavior of both S. graminum (biotype I) and S. 
flava was assessed using the EPG technique. Colonies for both aphid species 
were obtained from Dr. John D. Burd, USDA-ARS in Stillwater, Oklahoma. The 
S. graminum colony was maintained in a plant growth chamber at 25 ± 2°C with 
a photoperiod of 16:8 (L:D) h. However, because S. flava could not be 
successfully maintained in a growth chamber, the colony was kept in the 
greenhouse at 25 ± 7°C and a photoperiod of 16:8 (L:D) h within clear plastic 
cages, 12.5 cm in diameter and ventilated with organdy fabric. Both S. graminum 
and S. flava colonies were maintained on a continuous supply of ‘BCK60’ 
sorghum plants. 
EPG recording. Switchgrass plants were grown in SC-10 Super Cell 
Single Cell Cone-tainers (3.8 cm diameter by 21 cm deep) (Stuewe & Sons, Inc., 
Corvallis, OR) containing a Fafard Growing Media (Mix No. 3B) (Sun Gro 
  
67 
Horticulture Distribution Inc., Agawam, MA). Plants were maintained in a 
greenhouse at 25 ± 7°C with the lighting augmented by LED lights (Pro 325, 
Lumigrow, Novato, CA) to produce a photoperiod of 16:8 (L:D) h until the plants 
reached the appropriate V1 or V3 developmental stage, as described by Moore 
et al. (1991). Plants were fertilized every two weeks with a water-soluble 
(20:10:20 N-P-K) fertilizer. After emergence, plants were thinned to one plant per 
cone-tainer. To assess the feeding behavior of S. graminum and S. flava, 
switchgrass plants were grown to the V3 developmental stage and selected for 
uniformity for all recordings. However, since no previous characterization of S. 
flava feeding behavior on switchgrass exists, a third study evaluated S. flava 
feeding behavior on plants in the V1 developmental stage. Before recordings, 
plants were transferred from the greenhouse to the laboratory (23 ± 5°C) and 
allowed to acclimate for approximately 24 h. 
The EPG-DC system, as described by Tjallingii (1978), was used to 
evaluate the feeding behavior of S. graminum and S. flava on switchgrass 
cultivars. Recordings used a Giga-8 EPG model (EPG Systems, Wageningen, 
The Netherlands) with a 109 Ω resistance amplifier and an adjustable voltage. 
Output from the EPG was digitized at a sample rate of 100 Hz (100 samples per 
sec) per channel using a built-in data logger (DI-710, Dataq Instruments Inc., 
Akron, OH) and recorded with EPG acquisition software (Stylet+, EPG Systems, 
Wageningen, The Netherlands). Voltage was monitored for fluctuations on the 
computer and adjusted at ± 5 V as needed. Gain was adjusted from 50x-100x to 
improve the quality of the recording.  
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Adult, apterous S. graminum and S. flava were held on a susceptible 
switchgrass (KxS and Summer, respectively) for 24 hr prior to all recordings to 
precondition them to their host. Immediately before a recording, aphids were 
placed in a petri dish and denied food 1 hr to increase the likelihood of feeding, 
and to allow resheathing of their stylets (Annan et al. 2000). After the starvation 
period, aphids were immobilized by a vacuum device and a gold wire (99.99%, 
10 μm diameter and 2-3 cm length; Sigmund Cohn Corp., Mount Vernon, NY) 
attached to the dorsum of the aphid by a silver conductive glue [4 mL water with 
one drop of Triton X-100, 4 g water soluble glue (Scotch clear paper glue, non-
toxic; 3M, St. Paul, MN), 4 g silver flake (99.95%, size, 8-10 μm, Inframat 
Advanced Materials, Manchester, CT)]. The opposite end of the gold wire was 
attached to 24-gauge copper wire (≈ 2 cm length) and inserted into the head-
stage amplifier (EPG probe) with a copper nail (1.6 mm x 19.0 mm). The EPG 
probe was an amplifier with a one giga-ohm input resistance and 50x gain 
(Tjallingii 1985, 1988). To complete the integration of the aphid and plant in an 
electrical circuit, a copper electrode (plant electrode) was stuck in the moist soil 
of the potted plant and wired aphids were placed on the adaxial side of the 
newest, fully developed leaf. Two Faraday cages, constructed from aluminum 
mesh wire with an aluminum frame and base (61 cm x 61 cm x 76 cm), were 
used to enclose all plants, EPG probes, and plant electrodes during recordings to 
protect the EPG’s internal conductors from electrical and environmental noise 
(Crompton and Ode 2010, Stamm et al. 2013). Recordings were taken for 15 hr 
on eight plants simultaneously, with at least one plant of each of the three 
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switchgrass populations represented in each recording, until 20 replications were 
reached per switchgrass population in all three experiments. Recordings were 
initiated early-afternoon and were maintained at room temperature (23 ± 5°C) 
under continuous fluorescent light. 
EPG procedures were followed according to van Helden and Tjallingii 
(2000), while EPG waveforms were differentiated and categorized according to 
Reese et al. (2000). Generally, waveforms are grouped into three broad 
behavioral phases: pathway phase, xylem, and phloem or sieve element phase 
(Prado and Tjallingii 1994, Reese et al. 2000, Tjallingii 2006). Recordings were 
scored as previously defined by Koch et al. (2014c) using the following waveform 
patterns: np (non-probing), C (pathway phase; general probing in all plant 
tissues), pd (potential drops corresponding to intracellular punctures by stylet 
tips), E (salivation secretions into sieve elements and ingestion of phloem sap), 
and G (xylem ingestion). 
EPG feeding behavior parameters were selected from the Sarria Excel 
Notebook (Sarria et al. 2009). The calculated parameters included the mean time 
from start of recording to first probe (elapsed time of placement of aphid on the 
plant to insertion of mouthparts); time from the first aphid probe to first sieve 
element phase and first sustained (E >10 min) sieve element phase; time to first 
sustained sieve element phase within a probe from the start of that probe; total 
number of potential drops, pathway phases, sieve element phases, sustained 
sieve element phases, xylem phases, and non-probing events; sum of duration of 
pathway phases, sieve element phases, xylem phases, non-probing events, and 
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first sieve element phase; mean duration of sieve element phases; potential 
phloem ingestion index (PPII) and percent of aphids with sustained phloem 
ingestion.  
Statistical Analysis. EPG files were annotated by waveform and the 
duration of each was calculated in Microsoft Excel Workbook. Data were 
combined, separated by switchgrass population and aphid number (replication) 
for each experiment, and converted to comma-separated values (CSV). The 
combined data were checked for errors using a beta-program designed for SAS 
software (SAS Institute 2008). Once errors in waveform labeling were corrected, 
the data were tested for significance by using analysis of variance (ANOVA), 
implemented in PROC GLIMMIX. When appropriate, means were separated 
using Fisher’s least significant difference (LSD) test (α = 0.05). Normality was 
assessed for all parameters using graphical analysis of the residuals and a 
Shapiro-Wilk test (Shapiro and Francia 1972). Parameters for waveform 
durations ranged widely and generally did not meet the assumptions of normality. 
Goodness-of-fit tests indicated that fitted lognormal or gamma distributions were 
good models for the distribution of duration parameters not meeting the 
assumptions of normality; therefore, data were analyzed with the appropriate 
probability distribution for each parameter. 
Callose. Histochemistry. Ten adult S. graminum or S. flava were confined 
within a custom aphid clip cage, constructed of two, heavy duty, double-stick 
foam tape squares (25.4 by 25.4 by 1.5 mm; 3M Co., St. Paul, MN) and foam 
sheets. Aphids were confined for 3 hr, 6 hr, 12 hr, or 3 d on the newest, fully 
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developed leaf of V1 switchgrasses. Control plants were similarly caged, but 
without aphids. At the end of the infestation period, leaf material within the clip 
cage was excised and immediately placed into a solution of ethanol/acetic acid 
(3:1 v/v). Samples were placed into a shaker and incubated at room temperature 
for at least 24 hr, changing the solution several times, until all samples were 
transparent. Leaves were then washed and rehydrated in a series of ethanol 
solutions (100%, 95%, 70%, 50%, 35%) and water. Tissues were embedded in 
Parafin and sliced into 20 μm sections with a microtome. Samples were then 
stained with 0.01% (w/v) aniline blue in 0.01 M K3PO4 (pH=12) for 10 min and 
observed under a fluorescence microscope. 
Callose Quantification. Additionally, callose was extracted from leaves and 
quantified according to Kohler et al. (2000). Switchgrasses were grown to the V1 
developmental stage and infested with greenbugs or yellow sugarcane aphids for 
24 hr. Aphids were confined on plants with tubular plastic cages (4 cm diameter 
by 46 cm height) with vents covered with organdy fabric. After 24 hr, aphids were 
removed and leaf sections where aphids had been present were excised and 
frozen in liquid nitrogen. Four plants within a treatment were pooled to form 4 
biological replicates (16 plants). Frozen leaf tissue was pulverized with a mortar 
and pestle. Samples were weighed and about 50 mg of tissue was placed into a 
2 mL centrifuge tube containing 1 mL of ethanol. Samples were placed on a 
shaker and incubated for 2-3 d with several changes of ethanol until the tissue 
was colorless. Ethanol was carefully decanted from de-stained leaf tissue after 
samples were centrifuged for 5 min at 14,000 rpm. For the final ethanol 
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extraction, samples were centrifuged again to remove nearly all the ethanol. To 
dissolve the remaining leaf pellet, 400 μL dimethyl sulfoxide (DMSO) was added 
to the samples and then the Eppendorf tubes sealed with a safety lock and boiled 
for 30 min in a pressure cooker. Once the tubes had cooled, samples were 
centrifuged for 20 min at 14,000 rpm and the supernatant was transferred to a 
new tube. 
To quantify the extracted callose, 100 μL of the supernatant was treated 
with 200 μL 1 M NaOH and 1.2 mL of a loading solution [400 μL 0.1% (w/v) 
aniline blue (Ploysciences, Inc., Warrington, PA) in water; 590 μL 1 M glycine 
(titrated to pH 9.5 with 6 M NaOH); and 210 μL 1 M HCl]. Correspondingly, a 
parallel assay was run on the same samples in which aniline blue was omitted 
from the loading solution to determine autofluorescence. After the samples were 
vortexed, they were placed in a water bath at 50ºC for 30 min and then allowed 
to cool at room temperature for about 30 min. To determine total fluorescence, 
200 μL of each solution was pipetted into a black 96 well plate and read on a 
fluorescence plate reader at 400-nm excitation wavelength and 500-nm emission 
wavelength. To determine the fluorescence of callose, the autofluorescence 
measured in the control samples was subtracted from the total fluorescence of 
the corresponding parallel samples. Quantification of callose was then based on 
a comparison with the fluorescence of known amounts of a commercial -1,3-
glucan from Euglena gracilis (Sigma-Aldrich, St. Louis, MO).  
Quantitative real-time PCR. To further investigate callose as a mechanism 
responsible for sieve element occlusion in switchgrasses fed on by aphids, the 
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expression of three callose synthase related and six -1,3-glucanase related 
genes were investigated using quantitative real-time PCR (qRT-PCR). Genes for 
qRT-PCR analysis were screened based on the results of Donze-Reiner et al. 
(2017), where genes that showed obvious variation were chosen for real-time 
PCR. Switchgrass plants were grown to the V1 developmental stage as 
described earlier before being infested with ten adult, apterous greenbugs or 
yellow sugarcane aphids. The plants were arranged in a complete randomized 
design consisting of three treatments (greenbug-, yellow sugarcane aphid-
infested, and control). Infested and control plants were individually caged with 
tubular plastic cages as described earlier. Leaf tissue was harvested from plants 
and flash frozen 3 d after infestation. 
Four biological replicates (individual pants) were processed from each 
treatment. Total RNA was extracted from approximately 75 mg of frozen plant 
tissue as previously described by Chomczynski and Sacchi (1987), and Palmer 
et al. (2015) using the TRIzol reagent (Invitrogen, Carlsbad, CA). RNA was 
cleaned up and residual DNA was removed using the RNeasy® MinEluteTM 
Cleanup Kit (Qiagen, Valencia, CA) according to the manufacturer’s protocols. 
The integrity of RNA bands was confirmed via agarose gel electrophoresis, while 
quantification and purity of RNA was determined with a spectrophotometer 
(NanoDrop 1000, Wilmington, DE). cDNA first strand was synthesized using 2.5 
μg of total RNA with ThermoScriptTM RT-PCR system (Life Technologies, 
Carlsbad, CA) according to the manufacturer’s protocol. 
Quantitative real-time PCR reads were performed on a 7500 Fast Real-
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time PCR (Applied Biosystems, Foster City, CA) using Bio-Rad SsoAdvancedTM 
SYBR® Green (Bio-Rad Laboratories, Hercules, CA) following the manufacturer’s 
protocol (95ºC for 30 s, followed by 40 cycles of 95ºC for 5 s and 60ºC for 30 s). 
Glyceraldehyde-3-phosphate dehydrogenase (GAPDH) was included as the 
endogenous control gene (FWD: 5'-TCTTCGGTGAGAAGCCGGT-3'; REV: 5'-
CATAGTCAGCGCCAGCCTC-3'). Calculations of CT were performed with the 
values of cycle threshold (CT) for each primer and GAPDH as an endogenous 
control, according to Schmittgen and Livak (2008), and the statistical significance 
of CT values was determined through generalized mixed model analysis (PROC 
GLIMMIX, SAS Institute 2008). 
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Results 
EPG. Yellow sugarcane aphid V1. Analysis of variance determined that 
switchgrass effects were not significant for duration of major waveform patterns 
for yellow sugarcane aphids feeding on V1 switchgrasses. A significant difference 
was detected for the time from the start of the experiment to first probe due to a 
delay in probing on Summer (12.5 ± 6.8 min; t26 = 2.14; P = 0.0422) compared to 
Kanlow (1.3 ± 0.9 min). Additionally, the duration of the first sieve element phase 
was significantly lower on KxS (24.4 ± 6.9 min) relative to both Summer (127.7 ± 
50.0 min; t57 = 3.60; P = 0.0007) and Kanlow (66.8 ± 25.3 min; t57 = 2.19; P = 
0.0327) (Table 2.2). No significant differences were found for mean number of 
stylet activities, potential phloem ingestion index (PPII), or the percentage of 
aphids with sustained ingestion.  
Yellow sugarcane aphid V3. Analysis of variance detected significant 
differences for duration of two waveform patterns, specifically total duration of 
pathway and xylem phases, for yellow sugarcane aphids feeding on V3 
developmental switchgrasses (Figure 2.1). Yellow sugarcane aphids feeding on 
KxS (258.7 ± 32.4 min) spent significantly more time in pathway than aphids on 
Kanlow (187.5 ± 33.9 min; t57 = 2.01; P = 0.0490). Similarly, yellow sugarcane 
aphids also spent significantly more time in the xylem phase on KxS (115.4 ± 
11.6 min) relative to Summer plants (75.6 ± 12.3 min; t53 = 2.11; P = 0.0394). 
However, analysis of variance did not detect significant differences for the total 
duration sieve element phases or non-probing. Likewise, there were no 
significant differences among any of the phloem based parameters or for other 
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aphid feeding parameters related to detailed time and duration of pattern 
segments and for numerical parameters of aphid stylet activities among any of 
the switchgrasses. 
Greenbug V3. Analysis of variance detected significant differences for 
greenbug probing parameters linked to stylet pathway activities and sieve 
element phases on V3 switchgrasses. Greenbugs feeding on V3 switchgrass 
spent significantly less time in phloem sieve elements on Kanlow (66.8 ± 30.5 
min) compared to KxS (239.4 ± 44.7 min; t57 = 2.20; P = 0.0321) (Figure 2.2). 
While the duration of sieve element phases was higher on Summer (179.6 ± 45.6 
min), relative to Kanlow, as well, this difference was not statistically significant. 
However, the duration for the first sieve element phase was significantly less on 
KxS (4.3 ± 1.2 min) relative to both Summer (77.8 ± 42.2 min; t48 = 5.42; P < 
0.0001) and Kanlow (49.7 ± 32.5 min; t48 = 3.86; P = 0.0003) (Table 2.3). 
Significant differences were also discovered in the time that it took greenbugs to 
achieve a sustained sieve element phase from the first probe (Table 2.3) with 
aphids taking less time on KxS (557.7 ± 80.6 min) in comparison to Kanlow 
(830.6 ± 55.2 min; t23 = 2.34; P = 0.0281). Parameters for the mean number of 
sieve element phases and mean number of sustained sieve element phases also 
had significant differences (Table 2.4). Greenbugs had significantly fewer sieve 
element events on Kanlow (1.2 ± 0.4), relative to Summer (6.4 ± 1.1; t48 = 4.46; P 
< 0.0001) and KxS (5.7 ± 0.7; t48 = 4.00; P = 0.0002). Likewise, the aphids had 
fewer sustained sieve element events on Kanlow (0.3 ± 0.1) when compared to 
both Summer (0.8 ± 0.2; t40 = 4.10; P = 0.0002) and KxS (1.2 ± 0.2; t40 = 4.96; P 
  
77 
< 0.0001). Accordingly, the percent of greenbugs with sustained sieve element 
ingestion was significantly lower for Kanlow (25) relative to Summer (60; t57 = 
2.18; P = 0.0332) and KxS (85; t57 = 3.49; P = 0.0009) (Table 2.4). 
Several significant differences were documented for non-phloem based 
parameters as well. The total duration of time spent in non-probing (Figure 2.2) 
was significantly lower for greenbugs on KxS (36.0 ± 5.7 min) compared to 
Summer (82.1 ± 24.8 min; t57 = 2.28; P = 0.0263) as well as Kanlow (139.0 ± 
29.2 min; t57 = 3.30; P = 0.0017). In relation, the number of non-probing events 
(Table 2.4) was significantly greater for greenbugs on Kanlow (17.6 ± 1.5) relative 
to KxS (12.8 ± 1.6; t57 = 2.48; P = 0.0160). Finally, significantly more potential 
drops (Table 2.4) were recorded for aphids probing on Kanlow (262.7 ± 13.5) in 
comparison to KxS (220.9 ± 17.6; t57 = 2.17; P = 0.0341). 
Callose. Histochemistry. There were no obvious differences in callose 
deposition, regardless of treatment for 3 hr, 6 hr or 12 hr evaluations. Likewise, 
no conspicuous differences were observed between treatments at 3 d for KxS or 
Summer (Figure 2.3). However, 3 d after infestation, callose deposits appeared 
to be relatively abundant on sieve plates and the cell walls of vascular tissue for 
Kanlow plants infested with greenbugs, relative to uninfested controls as well as 
the susceptible KxS (Figures 2.3; 2.4). Few callose deposits were also observed 
on Kanlow infested with yellow sugarcane aphids at 3 d. 
 Callose Quantification. Attempts to extract and quantify callose from 
switchgrass leaves were unsuccessful. High background fluorescence was 
observed on all samples, including control DMSO samples, possibly obscuring 
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extracted callose. After numerous modifications were attempted unsuccessfully, 
the callose quantification protocol was discontinued. 
Quantitative real-time PCR. Four -1,3-glucosidase transcripts were 
significantly up-regulated in switchgrasses fed on by greenbugs, relative to the 
uninfested controls (Figure 2.5 a). Specifically, the -1,3-glucanases, 
Pavir.Gb01472 and Pavir.J17017, were significantly up regulated in Summer 
plants, while Pavir.Eb03869 was significantly up-regulated in both Summer and 
KxS, compared to their respective controls. Additionally, a fourth -1,3-glucanase, 
Pavir.Ca01420, was also up regulated in KxS plants after 3 d of greenbug 
infestation. Differential expression between greenbug-infested and control plants 
was not significantly different for any of the callose synthase related genes. 
In response to yellow sugarcane aphid feeding, two callose-related genes 
were significantly up-regulated (Figure 2.5 b). In Summer plants, the callose 
synthase 8-related gene, Pavir.Ab00948, was significantly up-regulated after 
yellow sugarcane aphid feeding, compared to uninfested plants. The -1,3-
glucanase, Pavir.Eb03869, was the only gene of those tested to be significantly 
up-regulated in yellow sugarcane aphid-infested KxS plants. Differential 
expression between aphid-infested and control plants was not significantly 
different for any of the genes examined in Kanlow plants with respect to either 
aphid species. 
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Discussion 
 Previously, Koch et al. (2014c) documented significant differences in 
greenbug feeding behavior on the V1 Kanlow (resistant), relative to Summer and 
KxS. Here, it was possible to document similar differences for greenbugs feeding 
on V3 switchgrass. Specifically, access to phloem appears to be more restricted 
on Kanlow plants when compared to Summer and KxS. Accordingly, greenbugs 
reached the sieve elements in a similar amount of time, regardless of treatment, 
indicating that phloem is not harder to reach or to locate, due to mechanical 
barriers or chemical differences (van Helden and Tjallingii 2000). However, 
greenbugs appear to have more difficulty sustaining phloem ingestion on Kanlow. 
In general, significantly fewer greenbugs were able to achieve a sustained sieve 
element phase (i.e. longer than 10 minutes) on Kanlow compared to Summer 
and KxS, and took longer to do so when they did. Moreover, greenbugs typically 
had fewer bouts of phloem feeding on Kanlow, resulting in less time spent in 
sieve element phases and more time non-probing. Overall, these data 
corroborate previous reports that Kanlow does have a significant impact on 
greenbug feeding behavior, and indicates that resistant factors are likely to be 
associated with the phloem sieve elements (Koch et al. 2014c). 
 Reports of apparent phloem based resistance to aphids as monitored by 
the EPG technique are relatively abundant in the literature (Klingler et al. 1998, 
Annan et al. 2000, Kaloshian et al. 2000, Garzo et al. 2002, Takahashi et al. 
2002, Klingler et al. 2005, Crompton and Ode 2010). For example, Garzo et al. 
(2002) studied the feeding behavior of A. gossypii on susceptible and resistant 
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melon genotypes (Cucumis melo L.) and reported phloem-based resistance 
factors, indicated by significantly shorter duration of the phloem ingestion on the 
resistant genotypes, relative to the susceptible entries. Moreover, Garzo et al. 
(2002) speculated that the resistance mechanism found on the melon genotype 
TGR-1551 at the phloem level appeared to be physical since aphids that reached 
the phloem were typically unable to start ingestion, and presumably would not 
have been able to detect the presence of any chemical deterrent compound. 
Likewise, Shinoda (1993) also demonstrated evidence for resistance factors 
associated with physical phloem barriers, where large deposition of callose were 
detected around stylet sheaths produced by A. gossypii when feeding on the AR-
5 resistant melon genotype. Intuitively, limiting phloem access would appear to 
be a particularly effective resistance strategy, since limiting the nutrient uptake by 
the aphids would not only preserve valuable resources in the host plant, but also 
negatively affect aphid demographics. 
 Studies with switchgrass have indicated that plants become a less suitable 
host for several cereal aphids with increased age (Burd et al. 2012, Koch et al. 
2014b). Interestingly, results presented here indicate that greenbug phloem 
ingestion is reduced on more mature (V3) switchgrasses, compared to a previous 
report of greenbug feeding on V1 switchgrass. Koch et al. (2014c) demonstrated 
that in 15 hr recordings, greenbugs spent more than 1/3 of their time in sieve 
element phases on Summer and KxS (304.2 min and 339.9 min, respectively). 
However, in this study, similar 15 hr recordings on V3 switchgrass demonstrated 
that sieve element phases were reduced for greenbugs on Summer and KxS to 
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179.6 and 239.4 min, respectively. While this appears to support previous reports 
suggesting a compromise in successful aphid colonization on later 
developmental stages of switchgrass, it remains unclear if a reduction in phloem 
access contributes to the abated performance of greenbugs or is a consequence 
of other factors. 
 The lack of significant differences for yellow sugarcane aphid feeding 
behavior on both developmental stages of switchgrass is curious, given the 
relatively high levels of resistance in Kanlow, relative to Summer and KxS (Koch 
et al. 2014a, Koch et al. 2014b). Indeed, yellow sugarcane aphids appear to have 
little issue reaching sieve elements and sustaining ingestion on the resistant 
Kanlow. This would seem to suggest that resistance in Kanlow is truly due to 
antibiosis, with no apparent contribution from antixenotic factors. Moreover, it 
also indicates that resistance is likely not a result of physical barriers during 
probing (e.g., callose or p-protein plugging of sieve pores). However, many other 
factors could be negatively affecting aphid fitness or demographics. For example, 
resistance could be conferred by the presence of plant secondary metabolites 
with toxicity to aphids (e.g., DIMBOA) (Argandona et al. 1983, Betsiashvili et al. 
2015), growth inhibitors (e.g., quercetin) (Lattanzio et al. 2000), or changes in 
plant metabolism to limit nutrient availability (Smith 2005). The benzoxazinoid, 
DIMBOA, confers toxicity to several cereal aphids, including greenbugs 
(Corcuera 1990), and is an important element of Rhopalosiphum maidis 
resistance in maize (Smith 2005, Betsiashvili et al. 2015). In maize, DIMBOA-Glc 
is activated by glucosidases to DIMBOA upon insect feeding, which then 
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activates insect-deterrent metabolites (Gierl and Frey 2001, Betsiashvili et al. 
2015). Crucially, benzoxazinoids are relatively ubiquitous in Gramineae and 
some evidence suggests that DIMBOA may be present in switchgrass (Lin et al. 
2008). 
 Callose has been previously linked to resistance to piercing-sucking 
insects (Kempema et al. 2007, Hao et al. 2008, Du et al. 2009, Betsiashvili et al. 
2015). Kempema et al. (2007) reported that CALS1 mutant Arabidopsis plants 
up-regulated callose synthase (CALS1) gene transcription in response to 
silverleaf whitefly, Bemisia tabaci (Gennadius), infestation. Moreover, the CALS1 
mutants also displayed significant callose deposition around whitefly feeding 
sites, indicating callose deposition may be an important part of Arabidopsis’ 
induced defenses to whitefly feeding (Kempema et al. 2007). 
Despite multiple attempts aimed at elucidating the role of callose in 
switchgrass resistance, it remains unclear if sieve element occlusion via callose 
deposition is an important component of aphid resistance, based on our results. 
Generally, significant callose deposits in switchgrass leaves were not observed, 
regardless of treatment, using histochemical studies. Although there appeared to 
be an increase in callose deposits on Kanlow plants after 3 d of greenbug 
infestation; however, more work is needed here to further clarify this response. 
In response to greenbug feeding, none of the callose synthase genes 
evaluated were significantly up-regulated. However, three -1,3-glucosidase 
genes were up-regulated in Summer (tolerant), while two were up-regulated in 
KxS (susceptible) in response to greenbugs. One possible explanation for this is 
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that greenbugs could be inducing these glucanases to circumvent sieve element 
occlusion and create a more suitable feeding environment. For example, Du et 
al. (2009) found that three callose synthase genes (GSL1, GSL5 and GSL10) in 
rice were up-regulated by brown planthopper feeding in both resistant and 
susceptible plants. However, two glucanases (GNS5 and GNS9) were down-
regulated on the resistant transgenic plants, suggesting that the reduction in the 
glucan hydrolyzing enzyme on resistant plants prevented callose from 
decomposing and lead to sieve element occlusion (Du et al. 2009). Similarly, Hao 
et al. (2008) reported an up-regulation of glucanases in the brown planthopper-
susceptible rice plants, which may be responsible for unplugging of the sieve 
tubes, which otherwise remain plugged on resistant plants. 
Conversely, Saheed et al. (2009) reported that callose deposition 
appeared to be regulated at the protein level, rather than at the transcriptional 
level, in barley infested by cereal aphids. Saheed et al. (2009) documented that 
none of the putative barley GSL sequences were regulated transcriptionally upon 
aphid attack, despite abundant callose deposition. Rather, it is possible that 
callose synthesis could also be activated by changes in the intracellular 
distribution of a glucoside activator as a regulatory mechanism (Ohana et al. 
1993, Saheed et al. 2009). Moreover, Botha and Matsiliza (2004) as well as Van 
der Westhuizen et al. (2002) have reported significant increases in glucanases 
on resistant plants following aphid feeding, suggesting that regulation of callose 
metabolism to prevent phloem transport cessation could be causally linked to 
resistance in some systems. 
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To our knowledge, this work provides the first detailed documentation of 
yellow sugarcane aphid feeding behavior. Previous work has documented a 
marked difference in greenbug feeding behavior on resistant and susceptible V1 
switchgrasses. Here it was possible to show a similar effect of Kanlow on 
greenbug feeding behavior at the V3 developmental stage as well. However, few 
differences were identified for yellow sugarcane aphid feeding behavior on 
resistant and susceptible switchgrass at both V1 and V3 developmental stages. 
Crucially, this suggests that multiple mechanisms of resistance may be present in 
Kanlow to cereal aphids, which could in turn provide more durable resistance to 
aphids.   
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Tables 
 
Table 2.1. Gene ID, gene description, and gene primers (FWD and REV) used for RT-qPCR of callose-related 
genes in switchgrass plants. 
 
  
Gene ID         Gene Description   FWD Primer   REV Primer 
Pavir.Ab00948 Callose synthase 8-related 
5’-AAGAAGTGAT 
GCCCGAGAGA-3’ 
5’-CAGTCCCACT 
GAGAAGAGCC-3’ 
Pavir.Bb02930 1,3 beta-glucosidase precursor 
5’-GCATTGCCTC 
TGCTCTTCTT-3’ 
5’-GCGTCGTAGA 
TCCTGACCAT-3’ 
Pavir.Ca01420 Glycosyl hydrolase family 1 (glucanase) 
5’-TGGTCCAGGC 
TTATTCCAAG-3’ 
5’-CAGGATCTGA 
GGGAAATCCA-3’ 
Pavir.Db00045 1,3-beta-glucan synthase component 
5’-GCACTGGCTA 
CTGGAAGGAG-3’ 
5’-TCTCCAGACC 
GATTTCCATC-3’ 
Pavir.Eb03869 
Glycosyl hydrolases family 17 
(glucanase) 
5’-ACATTTGCAG 
CCATCCCTAC-3’ 
5’-GTAGATGCGC 
ATGAGGTTGA-3’ 
Pavir.Ga01393 Glycosyl hydrolase family 1 (glucanase) 
5’-AGGCAGATGT 
AGTGTTGGGG-3’ 
5’-GGGAGAAGGG 
AAGAAACCAG-3’ 
Pavir.Gb01472 Beta-glucanase 
5’-ACCGAGTGAA 
ACACTGGACC-3’ 
5’-ACTTCCCTTT 
TGTACGGCCT-3’ 
Pavir.Ia04498 Callose synthase 3 
5’-GCTACTTCAC 
AACCGTGGGT-3’ 
5’-GCCTTCCCAA 
ATCCTCTTTC-3’ 
Pavir.J17017 1,3 beta-glucosidase precursor 
5’-CGTCAACAAC 
GTCATCAACC-3’ 
5’-GTGGTGGAAG 
TCGAAATCGT-3’ 
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Table 2.2. Comparison of EPG parameters (mean ± SEM) for time and duration of pattern segments for 15 hr of 
yellow sugarcane aphid feeding on switchgrass populations (V1 stage). 
 
                                Mean ± SEMa 
Feeding Variable  Summer    KxS  Kanlow 
Time to 1st probeb 12.5 ± 6.8a 6.5 ± 3.1ab 1.3 ± 0.9b 
Time to 1st SEP1 103.1 ± 27.3a 85.2 ± 17.2a 138.0 ± 34.6a 
Time to 1st Sustained 
SEP2 
235.4 ± 77.6a 142.4 ± 37.4a 255.1 ± 54.8a 
Mean duration of SEP 123.6 ± 34.7a 3.0 ± 9.7a 117.5 ± 28.8a 
Duration of 1st SEP 127.7 ± 50.0a 24.4 ± 6.9b 66.8 ± 25.3a 
a Treatment means within the same row followed by the same letter indicate no significant differences (P ≤ 0.05), LSD test.  
b Time and duration calculated in minutes 
1 Sieve element phase 
2 Sustained sieve element phase (E > 10 min) 
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Table 2.3. Comparison of EPG parameters (mean ± SEM) for time and duration of pattern segments for 15 hr of 
greenbug feeding on switchgrass populations (V3 stage). 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
a Treatment means within the same row followed by the same letter indicate no significant differences (P ≤ 0.05), LSD test.  
b Time and duration calculated in minutes 
1 Sieve element phase 
2 Sustained sieve element phase (E > 10 min) 
 
 
 
 
 
 
 
 
 
 
 
 
                                     Mean ± SEMa 
Feeding Variable   Summer     KxS  Kanlow 
Time to 1st probeb 2.4 ± 1.0a 1.4 ± 0.8a 2.7 ± 2.0a 
Time to 1st SEP1  264.9 ± 45.2a 302.8 ± 58.6a 464.3 ± 94.7a 
Time to 1st sustained SEP2 666.0 ± 79.6ab 557.7 ± 80.6b 830.6 ± 55.2a 
Mean duration of SEP 82.6 ± 35.3a 61.8 ± 15.4a 72.9 ± 32.8a 
Duration of 1st SEP 77.8 ± 42.2a 4.3 ± 1.2b 49.7 ± 32.5a 
  
 
94
 
 
Table 2.4. Comparison of EPG parameters (mean ± SEM) for stylet activities for 15 hr of greenbug feeding on 
switchgrass populations (V3 stage). 
 
                                    Mean ± SEMa 
Feeding Variable    Summer     KxS     Kanlow 
potential drops 223.5 ± 12.1ab 220.9 ± 17.6b 262.7 ± 13.5a 
pathway phases    22.9 ± 2.2a 20.7 ± 2.0a 22.0 ± 1.3a 
xylem phases 2.7 ± 0.5a 2.4 ± 0.4a 3.1 ± 0.5a 
SEP1 events 6.4 ± 1.1a 5.7 ± 0.7a 1.2 ± 0.4b 
Sustained SEP2 events 0.8 ± 0.2a  1.2 ± 0.2a 0.3 ± 0.1b 
NP3 events 
13.7 ± 1.7ab 12.8 ± 1.6b 17.6 ± 1.5a 
Potential phloem ingestion index 
(PPII) 
28.5 ± 7.4a 40.6 ± 6.8a 42.4 ± 13.1a 
% of aphids showing sustained 
SEP (E  
> 10 min.) 
60 (12/20)a 85 (17/20)a 25 (5/20)b 
a Treatment means within the same row followed by the same letter indicate no significant differences (P ≤ 0.05), LSD test.  
1 Sieve element phase 
2 Sustained sieve element phase (E > 10 min) 
3 Non-probing
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Figures 
 
Figure 2.1. Comparison of EPG parameters (mean ± SEM) for duration of 
pathway, xylem, phloem and non-probing phases for 15 hr of yellow sugarcane 
aphid feeding on three switchgrass populations (V3 stage). Bars with the same 
letter within a column are not significantly different (P > 0.05), LSD test. 
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Figure 2.2. Comparison of EPG parameters (mean ± SEM) for duration of 
pathway, xylem, phloem and non-probing phases for 15 hr of greenbug feeding 
on three switchgrass populations (V3 stage). Bars with the same letter within a 
column are not significantly different (P > 0.05), LSD test. 
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Figure 2.3. Fluorescence micrographs of longitudinal leaf sections for 
switchgrass plants 3 d after aphid infestation. a-c Summer, d-f KxS, and g-i 
Kanlow. Induced callose deposition (arrows) on the sieve plates (blueish-green 
fluorescence).  
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Figure 2.4. Detailed fluorescence micrographs of longitudinal leaf sections for 
Kanlow 3 d after aphid infestation. a Control, b Greenbug, c Yellow sugarcane 
aphid. Induced callose deposition (arrows) on the sieve plates.  
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Figure 2.5. Transcript abundance of callose related genes in aphid-infested 
plants 3 d after infestation. Gene expression was detected by RT-qPCR in (a) 
greenbug infested and (b) yellow sugarcane aphid-infested Summer, KxS and 
Kanlow switchgrass. Expression of the indicated genes was compared to gene 
expression in uninfested control plants. A fold change >1 represents higher 
transcript abundance in infested plants. Mean ± SEM are shown. Statistical 
significance at P < 0.05 indicated by (*). 
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Chapter 3 
Aphids Induce Divergent Defense Responses in Hybrid Switchgrass 
(Panicum virgatum L.) 
 
Introduction 
 Plants are constantly challenged by a diverse array of insect herbivores, 
which can impose significant costs to plant fitness. Accordingly, plants employ 
multiple strategies to mitigate herbivory and the resulting injury. Generally, these 
strategies may be distinguished into three categories, as originally described by 
Painter (1951): antibiosis, antixenosis (non-preference), and tolerance. Broadly, 
antibiosis and antixenosis categories enterprise to mitigate herbivory, while 
tolerant plants successfully compensate for herbivory. Accordingly, plant defense 
strategies aimed at mitigating insect herbivory can include localized cell death 
(Pegadaraju et al. 2005, Louis and Shah 2015), structural fortifications such as 
cell-wall strengthening (e.g., callose and lignin) (van Bel 2006, Hao et al. 2008, 
Du et al. 2009), biochemical and molecular associated defenses (Kessler and 
Baldwin 2002, Kerchev et al. 2012), and changes in resource availability (Endara 
and Coley 2011). Conversely, tolerant plants frequently respond to insect 
herbivory by increasing photosynthetic activity (Heng-Moss et al. 2006, Franzen 
et al. 2007, Murugan et al. 2010, Luo et al. 2014, Cao et al. 2015) and/or up-
regulating detoxification mechanisms to counteract deleterious effects of insect 
herbivory (Heng-Moss et al. 2003, Gulsen et al. 2007, Gutsche et al. 2009, 
Ramm et al. 2013). 
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Aphids are especially important plant pests as prolific vectors of an array 
of plant viruses (Smith and Boyko 2007). Moreover, aphids exhibit extremely high 
growth and developmental rates and may cause plant damage by removing 
photoassimilates. During feeding, the stylets of the aphid’s piercing-sucking 
mouthparts penetrate plant tissue to feed on phloem sieve elements (Prado and 
Tjallingii 1994, Tjallingii 2006). Throughout this process, aphids eject copious 
amounts of saliva into the plant (Tjallingii 2006), at least in part in an attempt to 
circumvent plant defenses (Mutti et al. 2006, Mutti et al. 2008, Medina-Ortega 
and Walker 2015, Naessens et al. 2015); however, salivary enzymes may also 
act as elicitors of plant defenses (Miles 1999).  
To successfully deploy an induced defense response, plants use a 
sophisticated sensory system to perceive signals rapidly from their environment 
and subsequently mount appropriate biochemical and physiological responses to 
combat their barrage of attackers. Plants may initiate defense cascades from 
resistance genes (R genes) via the perception of pattern recognition receptors 
(PRRs) that recognize herbivore associated molecular patterns (HAMPs) or 
herbviore-associated elicitors (HAEs) and initiate a signaling cascade culminating 
in a basal defense strategy (Mithofer and Boland 2008, Hogenhout and Bos 
2011, Heil et al. 2012, Santamaria et al. 2013). Specifically, in response to initial 
insect feeding, there is increased Ca2+ signaling, production of reactive oxygen 
species (ROS) and the activation of mitogen-activated protein kinase (MAPK) 
cascades and transcription factors, including WRKYs, NACs and MYBs which 
may act as upstream signaling components regulating wound-elicited jasmonic 
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acid (JA), JA-Ile/JA-Leu conjugate, salicylic acid (SA), and ethylene (ET) 
biosynthesis (Maffei et al. 2007a, b, Wu et al. 2007, Mithofer and Boland 2008, 
Wu and Baldwin 2010, Santamaria et al. 2013). 
Effector triggered immunity involves a specific resistance mediated by 
distinct nucleotide binding site-leucine rich repeat (NBS-LRR) proteins encoded 
by R genes, followed by the activation of the systemic acquired resistance (SAR) 
(Jones and Dangl 2006, Hogenhout and Bos 2011). Notably, these responses 
include localized cell death, structural fortifications, and biochemical and 
molecular associated defenses (Kessler and Baldwin 2002, Kerchev et al. 2013). 
Indeed, leaf senescence resulting in the programmed degradation of cellular 
components has been demonstrated to be an important mode of resistance in 
Arabidopsis to green peach aphid (Myzus persicae Sulzer) feeding, where 
premature leaf senescence results in the export of nutrients out of the senescing 
leaf, effectively limiting aphid growth (Pegadaraju et al. 2005, Louis and Shah 
2015). 
Previous work has documented differential resistance among three 
switchgrass, Panicum virgatum L., cultivars (Summer, KxS and Kanlow) to 
greenbugs, Schizaphis graminum (Rondani), and yellow sugarcane aphid, Sipha 
flava (Forbes) ((Koch et al. 2014a, Koch et al. 2014b, Koch et al. 2014c). 
Interestingly, those studies have indicated that KxS has moderate tolerance to 
yellow sugarcane aphid but is susceptible to greenbug (Koch et al. 2014a). 
Donze-Reiner et al. (2017) documented that Summer plants responded to 
greenbug infestation with extensive remodeling of the plant transcriptome, and 
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the production of ROS and several defensive metabolites. Moreover, Summer 
plants were characterized by an early loss of primary metabolism, followed by 
recovery within 15 days after infestation (Donze-Reiner et al. 2017). Here, global 
transcriptional responses of the hybrid switchgrass cultivar, KxS, were evaluated 
to greenbug and yellow sugarcane aphid infestation over a 15-day period using 
RNA-Seq. The objectives of this study were to elucidate the molecular 
mechanisms underlying the responses of a hybrid switchgrass to greenbugs and 
yellow sugarcane aphids and contrast these to developmental changes occurring 
in uninfested control plants over the time course of the experiment. 
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Materials and Methods 
 Plant material. Seeds of an experimental strain, KxS (HP1 C1 High Yield 
strain), were developed and provided by Dr. Kenneth Vogel, USDA- ARS 
(Retired), Lincoln, NE. KxS were produced by reciprocal matings between 
‘Summer’ (upland tetraploid) and ‘Kanlow’ (lowland tetraploid) plants (Martinez-
Reyna and Vogel 2008, Vogel and Mitchell 2008). Summer plants were the seed 
parents for the KxS hybrids. 
Insect colonies. Colonies for greenbugs (biotype I) and yellow sugarcane 
aphids were obtained from Dr. John D. Burd, USDA-ARS (Retired) in Stillwater, 
Oklahoma. The greenbug colony was maintained in a plant growth chamber at 
25 ± 2°C with a photoperiod of 16:8 (L:D) h. Yellow sugarcane aphids could not 
be successfully maintained in a growth chamber, therefore the colony was kept in 
the greenhouse at 25 ± 4°C and a photoperiod of 16:8 (L:D) h within clear plastic 
cages, 12.5 cm in diameter and ventilated with organdy fabric. Both aphid 
colonies were maintained on a continuous supply of ‘BCK60’ sorghum plants. 
Experimental conditions and sample collection. A total of 160 KxS 
plants were grown in SC-10 Super Cell Single Cell Cone-tainers (3.8 cm 
diameter by 21 cm deep) (Stuewe & Sons, Inc., Corvallis, OR) containing a 
Fafard Growing Media (Mix No. 3B) (Sun Gro Horticulture Distribution Inc., 
Agawam, MA). Plants were maintained in a greenhouse at 25 ± 4°C with the 
lighting augmented by LED lights (Pro 325, Lumigrow, Novato, CA) to produce a 
photoperiod of 16:8 (L:D) h until the plants reached the V2 developmental stage, 
as described by Moore et al. (1991). Plants were fertilized every two weeks with 
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a water-soluble (20:10:20 N-P-K) fertilizer. After emergence, plants were thinned 
to one plant per cone-tainer. 
The plants were arranged in a 3x3 factorial design consisting of three 
treatments (greenbug-, yellow sugarcane aphid-infested, and control) and three 
harvest time points [5-, 10-, and 15-days after infestation (DAI)]. Ten greenbugs 
or yellow sugarcane aphids were placed on their respective plants at the onset of 
the experiment (day 0). To confine aphids, both infested and control plants were 
caged individually with tubular plastic cages (4 cm diameter by 46 cm height) 
with vents covered with organdy fabric. 
Prior to harvesting leaf samples at each time point, aphids were removed 
and counted. Injury to plants resulting from aphid infestation was assessed using 
a visual damage rating based on a 1-5 scale (Heng-Moss et al. 2002, Koch et al. 
2014a, Koch et al. 2014b), where 1=10% or less of the leaf area damaged; 
2=11–30% of the leaf area damaged; 3 = 31–50% of the leaf area damaged; 4 = 
51–70% of the leaf area damaged; and 5 = 71% or more of the leaf area 
damaged and the plant near death. Plant damage was characterized by 
chlorosis, a reddish discoloration, or desiccation of the leaf. At harvest, all leaves 
present on plants were collected, flash frozen with liquid nitrogen, and stored at   
-80°C until they could be processed. 
Statistical Analysis. Generalized linear mixed model analyses (PROC 
GLIMMIX, SAS Institute 2008) were conducted for all aphid counts to measure 
population differences. Where appropriate, means were separated using Fisher 
protected least significant difference (LSD) procedure (α = 0.05). Nonparametric 
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analyses were performed for all damage ratings, using a ranks based procedure. 
Although mean damage ratings were not included in statistical analyses, means 
of damage ratings are reported throughout the article to provide a more 
meaningful representation of the data. 
RNA extraction and sequencing. Four biological replicates were 
processed from each treatment combination. Each replicate consisted of four 
individual plants within a treatment pooled together (16 total plants per 
treatment). A total of 36 RNA samples were isolated from flash frozen plant 
tissue as previously described by Chomczynski and Sacchi (1987), and Palmer 
et al. (2015) using the TRIzol reagent (Invitrogen, Carlsbad, CA). RNA was 
cleaned up and residual DNA was removed using the RNeasy® MinEluteTM 
Cleanup Kit (Qiagen, Valencia, CA) according to the manufacturer’s protocols. 
RNA quantification and purity of RNA was determined with a spectrophotometer 
(NanoDrop 1000, Wilmington, DE), while RNA integrity was confirmed using the 
Agilent 2100 Bioanalyzer. Total RNA was reverse-transcribed and converted into 
sequencing libraries using the TruSeqTM RNAseq Library kit according to the 
manufacturer’s protocols (Illumina Inc, San Diego, CA). The individual samples 
were diluted to a concentration of 10 nM and multiplexed at five samples per 
lane. Single read 100-bp sequencing was performed on the Illumina HiSeq2500 
system. All RNA-Seq libraries, indexing and sequencing were performed at the 
DNA Microarray and Sequencing Core Facility at the University of Nebraska 
Medical Center. 
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RNA-Seq analysis. An average of 22.5M quality reads were generated 
for each sample. Single end 100-bp reads were mapped to version 3.1 of the 
switchgrass genome (phytozome.jgi.doe.gov) (Goodstein et al. 2012) using 
HISAT2 (Kim et al. 2015). An average of 91% of the reads mapped to the 
genome, with an average of 74% of the reads mapping to annotated gene space. 
Coexpression analysis was done using the Weighted Gene Coexpression 
Network Analysis (WGCNA) (Langfelder and Horvath 2008) package in R (Team 
2011). Differential gene expression analysis was performed using DESeq2 
(Anders and Huber 2010, Love et al. 2014) in R (Team 2011). Pairwise 
comparisons were used to generate a list of differentially expressed genes 
(DEGs) for the entire dataset using an FDR cutoff of 0.05. Principal component 
analysis (PCA) was done using the “prcomp” function in R (Team 2011). 
Heatmaps were created by hierarchical clustering in JMP® Version 9.0 (SAS 
Institute 2008) using Ward’s method on standardized gene expression values. 
cDNA synthesis and real-time qPCR validation. Subsamples of RNA 
used for RNA-Seq experiments were used to generate cDNA libraries for real-
time qPCR validation using the Evagreen chemistry on a Fluidigm Biomark HD 
Instrument (Fluidigm, South San Francisco, CA) using manufacturer supplied 
protocols. 
Metabolomics. Jasmonic acid, SA and ABA were extracted from 50mg of 
ground tissue in MeOH/ACN (1:1 v/v) and analyzed by LC-MS/MS using a 
ZORBAX Eclipse Plus C18 column. Additional metabolites were extracted from 
50mg of ground tissue in 80% MeOH and analyzed by LC-MS/MS using a 
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Phenomenex Luna NH2 column. Metabolites were assigned to pathways using 
the Kyoto Encyclopedia of Genes and Genomes (KEGG) (Kanehisa et al. 2016). 
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Results 
 Aphid colonization and damage ratings. An analysis of variance for 
fixed effects for aphid counts indicated that the effect of aphid treatment (F1,18 = 
4.73; P = 0.0432) and day (F2,18 = 6.69; P = 0.0067) was significant. The highest 
number of aphids in this study occurred on the YSA-infested plants at 15-DAI 
(82.0 ± 15.9), which was significantly different from all other treatments (Figure 
3.1). In general, greenbug numbers remained consistent among 5-DAI (30.1 ± 
7.7), 10-DAI (37.1 ± 7.2), and 15-DAI (34.1 ± 3.0) (F2,18 = 0.16; P = 0.8541). 
However, yellow sugarcane aphid numbers generally increased with time, with 
21.1 (± 8.1) and 45.5 (± 5.8) at 5- and 10-DAI, respectively. 
 Significant differences for fixed effects of aphid treatment (F1,18 = 16.12; P 
= 0.0008) and day (F2,18 = 21.93; P < 0.0001) were also documented for damage 
ratings (Figure 3.1). KxS plants infested with greenbugs exhibited moderate 
damage at 10-DAI (2.8 ± 0.1) and 15-DAI (2.7 ± 0.1). However, yellow sugarcane 
aphid-infested plants did not reach similar damage levels until 15-DAI (2.7 ± 0.2). 
Moreover, injury on yellow sugarcane aphid-infested plants was negligible at 5-
DAI (1.3 ± 0.1). 
 Phytohormones and metabolites. To investigate the response of 
phytohormone metabolic pathways to greenbug and yellow sugarcane aphid 
feeding, we examined the accumulation of JA, SA, and ABA in control and aphid-
infested plants (Figure 3.2). Jasmonic acid levels were significantly increased by 
greenbug infestation by 10-DAI. However, yellow sugarcane aphid infestation did 
not result in a significant increase in JA accumulation at any time point, relative to 
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control plants. In general, SA accumulated at higher levels in both greenbug- and 
yellow sugarcane aphid-infested plants than the controls. However, SA 
accumulation was only significantly greater than the controls at 15-DAI for yellow 
sugarcane aphid-infested plants. Abscisic acid accumulation followed a similar 
pattern as SA levels, with increased accumulation in aphid-infested plants 
compared to controls. However, ABA accumulation was more rapid in greenbug-
infested plants, with greatest levels occurring at 5- and 10-DAI. Conversely, ABA 
accumulated more gradually in yellow sugarcane aphid-infested plants, peaking 
at 15-DAI. 
 Soluble polar metabolites were quantified in uninfested control and aphid- 
infested plants. Significant differences were identified for 156 individual 
metabolites as a result of time or infestation (Figure 3.2). Moreover, three groups 
of metabolites could be identified based on the abundance heatmap: Set 1 
consisted of metabolites primarily induced by greenbug infestation, Set 2 
consisted of metabolites which were induced by both aphids, and Set 3 consisted 
of metabolites which were primarily induced by yellow sugarcane aphid 
infestation. In general, Set 1 contained a majority (10 out of 12) of the identified 
amino acids as well as purines. In Set 3, the metabolites largely appeared to be 
associated with primary carbon metabolism, including associations to glycolysis, 
the TCA cycle, the pentose phosphate pathway, and starch and sucrose 
metabolism. However, Set 2 metabolites were scattered without showing a 
strong pathway association. 
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 Principal components and differentially expressed genes. Principal 
components were used as covariates for discriminate analysis and both 
development-related and aphid induced changes in transcriptional profiles were 
documented, with samples clearly separated by time and treatment (Figure 3.3). 
The first canonical axis primarily divided the transcriptomes by time, with the 5-
DAI samples clearly separated from the 10- and 15-DAI samples. The second 
canonical axis divided the samples based on aphid infestation with non-infested 
controls separated from the greenbug- and yellow sugarcane aphid-infested 
samples. Global changes in differentially expressed genes (DEGs) were 
identified using an FDR ≤ 0.05 and a fold change of ≥ 2 (Figure 3.3).   
Weighted Gene Coexpression Network Analysis (WGCNA) was used to 
identify sets of genes sharing similar expression profiles across all experimental 
samples. Four coexpression modules were identified with experimentally relevant 
profiles: Module 1 contained 10,515 genes suppressed by aphid infestation, 
Module 2 contained 5,819 genes induced by both greenbug and yellow 
sugarcane aphid infestation, Module 3 contained 4,095 genes induced primarily 
by greenbug infestation and spiking at 10 DAI, and Module 6 contained 1,140 
genes induced by yellow sugarcane aphid infestation and spiking at 15 DAI. 
Crucially, three of these modules showed similar profiles to those observed in the 
metabolite data (Figure 3.2). Namely, Module 2 and metabolite data Set 2, 
Module 3 and metabolite data Set 1, and Module 6 and metabolite data Set 3. 
Genes associated with chlorophyll and carbon metabolism. In control 
plants, expression of chlorophyll biosynthetic genes generally increased over the 
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15-day period, while expression of genes associated with chlorophyll degradation 
generally decreased (Figure 3.4). Chlorophyll biosynthetic genes were generally 
downregulated at 5-DAI and 10-DAI in greenbug-infested plants, and at all time-
points in yellow sugarcane aphid infested plants. Three chlorophyll catabolic 
genes, specifically chlorophyll(ide) b reductase (CBR), chlorophyllase 1 (CHL), 
and pheophorbide A oxygenase (PAO), were induced by greenbug feeding at all 
time-points, except for CBR at 15-DAI. Two of the chlorophyll catabolic genes, 
CBR and PAO, were induced in yellow sugarcane aphid-infested plants, but were 
generally less abundant than in greenbug-infested plants.  
 Genes involved in carbon fixation were also differentially expressed as a 
result of aphid feeding (Figure 3.4). Most of the genes associated with 
photosynthesis were downregulated as a result of aphid infestation. For 
greenbugs, photosynthesis associated genes were down regulated more quickly, 
with significantly lower abundance at 5- and 10-DAI, with typically some recovery 
by 15-DAI. On the other hand, photosynthesis associated genes in yellow 
sugarcane aphid-infested plants were significantly downregulated at 10- and 15-
DAI. However, three genes involved in carbon fixation were generally more 
abundant in aphid-infested plants, namely phosphoenolpyruvate carboxylase 
kinase (PEPcK), NADP-Malic enzyme (NADP-ME-2), and phosphoenolpyruvate 
carboxykinase (PEPCK).  
 Genes associated with redox metabolism. Eight reactive-burst oxidase 
(RBOH) genes were differentially expressed (Figure 3.5). Five of the RBOHs 
were more abundant in control compared to greenbug-infested plants, while four 
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were generally more abundant than yellow sugarcane aphid-infested plants. 
However, two RBOHs were significantly upregulated in greenbug-infested plants 
at 15-DAI, while one was significantly elevated at 5-DAI in yellow sugarcane 
aphid-infested plants. Six catalases were differentially expressed (Figure 3.5), 
with two of those being elevated in control plants, across all time-points. In 
response to greenbug infestation, four catalases were upregulated at 5- or 10-
DAI. Likewise, in yellow sugarcane aphid-infested plants, four catalases were 
induced by 15-DAI. One Fe/Mn superoxide dismutase (SOD) and six Cu/Zn SOD 
genes were differentially expressed in control and aphid-infested plants (Figure 
3.5). Four of the Cu/Zn SODs were generally more abundant in aphid-infested 
plants and were significantly upregulated at 15-DAI. However, the other two 
Cu/Zn SODs were typically more abundant in control plants and were 
significantly downregulated in greenbug-infested plants at 10-DAI and yellow 
sugarcane aphid-infested plants at 15-DAI. 
 In general, differences in gene expression for a large number of 
peroxidase and laccase genes were observed. A total of 87 peroxidase genes 
were differentially expressed (Figure 3.5). Of those genes, 30 were generally 
more abundant in control plants with higher expression in multiple time-points. A 
majority of the peroxidase genes were upregulated in greenbug-infested plants, 
while 21 were also upregulated in yellow sugarcane aphid-infested plants. In 
yellow sugarcane aphid-infested plants, peak expression typically occurred at 15-
DAI; however, peroxidase genes expression was generally high across all time-
points for greenbug-infested plants. Six laccase genes were more abundant in 
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control plants for at least two time-points. However, like the peroxidase genes, 
most of the laccases were upregulated in greenbug-infested plants, many of 
which were highly expressed at multiple time-points. Ten of the laccases were 
upregulated in greenbug-infested plants were also induced in yellow sugarcane 
aphid-infested plants, primarily at 15-DAI; however, three additional laccase 
genes were induced in only yellow sugarcane aphid-infested plants. 
 Defense associated genes. Aphid infestation induced many gene 
families associated with defense in KxS switchgrass. Specifically, differential 
expression was documented for pathogenesis-related (PR) genes, chitinases, 
proteases, protease inhibitors, and the NB-LRR protein family (Figure 3.6). 
Interestingly, greenbug-infested plants responded with a broad upregulation of 
PR genes (PR1-PR4 families). However, the same induction of PR genes was 
not seen on yellow sugarcane aphid-infested plants, with much lower abundance 
of transcripts. Similarly, expression of genes encoding chitinase and chitin 
recognition domains were broadly upregulated across all time-points in greenbug 
infested plants, but not in yellow sugarcane aphid-infested plants. 
 In general, differentially expressed NB-LRRs appeared to fit into three 
profiles. The first were NB-LRRs in which changes in expression appear to be 
development-related. The second group of differentially expressed NB-LRRs 
were primarily induced by greenbug infestation, with most peaking in expression 
at 10-DAI. The third profile is NB-LRRs which appear to be primarily upregulated 
in response to yellow sugarcane aphid infestation, most of which appear to peak 
at either 10- or 15-DAI. 
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 Differentially expressed transcripts of proteinase inhibitors (PIs) belonged 
to five families: SERPIN, Bowman-Birk, cystatin, potato inhibitor Type-I and 
potato inhibitor Type-II. Most of the differentially expressed PIs were significantly 
upregulated in greenbug-infested plants. Moreover, expression generally peaked 
at either 5- or 10-DAI for greenbug-induced PIs. Of the PIs that peaked at 5-DAI 
in response to greenbugs, most either recovered or were downregulated by 10-
DAI. Expression of PIs was generally elevated in yellow sugarcane aphid-
infested plants as well; however, their induction was not as strong as in the 
greenbug-infested plants.  
  The majority of differentially expressed Family A proteases (primarily 
pepsin family) were significantly upregulated in greenbug-infested plants. Those 
proteases were broadly induced and generally displayed high abundance across 
all time-points. Several pepsin family proteases were also upregulated in yellow 
sugarcane aphid-infested plants, typically with peak expression at either 5- or 15-
DAI. Differentially expressed C Family proteases included papain, legumain, 
caspase, pyroglutamyl-peptidase I, OTU1 peptidase, and DeSI-1 peptidase. 
These proteases were broadly upregulated in yellow sugarcane aphid-infested 
plants, especially at 15-DAI. Several C Family proteases were significantly 
elevated in greenbug-infested plants with maximal expression mostly occurring at 
5-DAI. However, C Family proteases were generally less abundant in greenbug-
infested plants than in yellow sugarcane aphid-infested plants. Differential 
expression was observed for 66 M Family proteases and 223 S Family 
proteases. The differentially expressed M Family proteases included many 
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aminopeptidases as well as glutamate carboxypeptidase, while the S Family 
proteases include chymotrypsin, carboxypeptidase Y, prolyl aminopeptidase, 
subtilisin, and prolyl oligopeptidase. 
 Genes associated with flavonoid biosynthesis. With the exceptions of 
AOMT, FLS, F3’5’H, and ANR, genes encoding switchgrass homologs to each 
enzyme in a flavonoid biosynthesis pathway were identified in the transcriptomic 
dataset (Figure 3.7). Crucially, genes for the first six enzymatic steps in flavonoid 
biosynthesis were highly expressed in yellow sugarcane aphid-infested plants at 
15-DAI. However, only three genes associated with this pathway were elevated 
in greenbug-infested plants, one at 5-DAI and two at 15-DAI. 
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Discussion 
 Greenbugs and yellow sugarcane aphids appear to induce divergent 
defense responses in KxS switchgrass. The phytohormones SA and JA have 
been well documented as important molecules in plant-aphid interactions, while 
ABA has more recently been linked to plant resistance as well (Walling 2009, 
Arimura et al. 2011, Morkunas et al. 2011, Lazebnik et al. 2014). In our study, JA 
was significantly elevated in greenbug-infested plants by 10-DAI, followed by 
some recovery at 15-DAI. Conversely, JA levels were not elevated at any time-
point in yellow sugarcane aphid-infested plants. Salicylic acid was generally 
higher in both greenbug- and yellow sugarcane aphid-infested plants, relative to 
the controls; however, only yellow sugarcane aphid-infested plants at 15-DAI 
were the elevated levels statistically significant.  
The induction of the JA pathway by greenbugs corresponds to previous 
work by Donze-Reiner et al. (2017), which documented high accumulation of 
genes associated with the octadecanoid biosynthetic pathway, including LOX 
and AOS, in Summer switchgrass infested with greenbugs. Jasmonic acid and 
related signaling compounds appear to be ubiquitous signals for plant injury and 
the subsequent activation of defense responses to many insect herbivores. 
Indeed, JA-induced defenses have previously been demonstrated to negatively 
affect aphid fecundity and survivorship in Arabidopsis and tomato (Lycopersicon 
esculentum Mill) (Cooper and Goggin 2005, Boughton et al. 2006, Thompson 
and Goggin 2006). Crucially, accumulation of the biologically active form of JA, 
JA-Ile, culminates in the expression of transcription factors (e.g., MYC2) which 
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activate the expression of JA-responsive genes (Chini et al. 2007, Bari and 
Jones 2009). In response to chewing insects, important downstream JA-
responsive genes appear to include PIs, polyphenol oxidases and secondary 
metabolites (Shinoda et al. 2002, Suzuki et al. 2005, Gao et al. 2007), and it is 
possible that JA-regulated defense to phloem-feeding insects could also involve 
these mechanisms. 
In our study, five major families of PIs were induced in response to 
greenbug and yellow sugarcane aphid feeding, including members of the 
SERPIN, Bowman-Birk, potato inhibitor type-I and type-II, and cystatins families. 
Interestingly, most PIs were generally higher expressed in greenbug-infested 
plants compared to yellow sugarcane aphid-infested plants. Notably, the 
greenbug-induced PIs included three members of the Bowman-Birk family of 
plant trypsin inhibitors and four members of the cystatin family of cysteine 
protease inhibitors by 10-DAI. Although phloem-feeding insects are generally 
insensitive to many PIs, several Bowman-Birk and cystatin inhibitors have been 
demonstrated to have moderate to high toxicity against aphids. For example, in 
artificial deists, Bowman-Birk trypsin inhibitors from pea seeds had significant 
toxicity to the pea aphid (Acyrthosiphon pisum Harris) (Rahbé et al. 2003a). 
Similarly, a cysteine protease inhibitor (PI), oryzacystatin I (OC-I), was found to 
inhibit growth and fecundity of the pea aphid (Acyrthosiphon pisum Harris), 
cotton aphid (Aphis Gossypii Glover) and green peach aphid on artificial diets 
and transgenic oilseed rape (Brassica napus L.) plants (Rahbé et al. 2003b). 
Conversely, induction of PIs was more modest on yellow sugarcane aphid-
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infested plants, with only one Bowman-Birk trypsin inhibitor expressed at 
elevated levels compared to greenbug-infested plants. Although more studies are 
needed to clarify any role of PIs in aphid-resistant switchgrass, it is possible that 
the greater induction of Bowman-Birk and cystatin PIs on greenbug-infested 
plants contributes to the reduced performance of greenbugs on KxS switchgrass 
relative to yellow sugarcane aphids.  
Salicylic acid biosynthesis is commonly induced by phloem-feeders and 
biotrophic pathogens, and is important in the formation of SAR. Generally, SA 
has been demonstrated to interact antagonistically with the JA pathway; 
however, in some cases the interactions may become synergistic (Mur et al. 
2006, Thompson and Goggin 2006, Bari and Jones 2009). In general, a broad 
range of defense responses appear to be dependent on the SA signaling 
pathway, while aphid feeding frequently induces expression of WRKY 
transcription factors, POX, and PR genes (Moran and Thompson 2001, Moran et 
al. 2002, Zhu-Salzman et al. 2004, de Vos et al. 2005, Lazebnik et al. 2014). 
Interestingly, genes in PR1 through PR4 families were highly upregulated in 
response to greenbug but were generally only modestly elevated after yellow 
sugarcane aphid infestation, despite similar SA concentrations between the two 
treatments. Strong induction of PR genes has been widely reported in plant-
aphid interactions (Moran and Thompson 2001, de Ilarduya et al. 2003, Zhu-
Salzman et al. 2004, Kusnierczyk et al. 2008, Morkunas et al. 2011, Donze-
Reiner et al. 2017). For example, ‘Motelle’ (Mi-1) tomato plants accumulated PR-
1 transcripts to higher levels in the incompatible potato aphid, Macrosiphum 
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euphorbiae (Thomas), interactions compared to compatible ones (de Ilarduya et 
al. 2003). Zhu-Salzman et al. (2004) reported the strong induction of SA-
regulated PR genes as part of a sorghum defense response elicited by greenbug 
feeding.  
Reactive oxygen species (ROS) have been widely reported as crucial 
early signals, integrating environmental information and regulating stress 
tolerance (Kerchev et al. 2012, Foyer and Noctor 2013). However, oxidative burst 
in response to insect feeding may lead to generation of excessive ROS which, if 
not removed, can become toxic to plant cells by rapidly oxidizing and damaging 
cellular components and lead to cell death (Foyer and Noctor 2005, Kotchoni and 
Gachomo 2006). Accordingly, numerous studies have indicated that the ability of 
plants to counteract the deleterious effects of ROS accumulation could be an 
important part of a tolerant response to insect injury (Heng-Moss et al. 2004, 
Franzen et al. 2007, Gutsche et al. 2009, Smith et al. 2010, Ramm et al. 2013, 
Sytykiewicz et al. 2014, Ramm et al. 2015).  
Typically, plasma membrane-bound reactive-burst oxidases (RBOHs) are 
among the first to respond to stimuli in ROS-mediated signaling (Mittler et al. 
2011, Suzuki et al. 2012) and form a major component of pattern-triggered 
immunity (PTI) in Arabidopsis (Daudi et al. 2012). Only one RBOH was 
significantly upregulated in yellow sugarcane aphid-infested plants at 5-DAI, 
while two were upregulated at 15-DAI in greenbug-infested plants. However, 
upregulation of numerous SODs (Fe/Mn and Cu/Zn SODs), peroxidases and 
laccases were observed in aphid-infested plants. Peroxidases are major ROS 
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detoxifying enzymes and several studies have demonstrated that overexpression 
of peroxidases may lead to increased tolerance (Dowd et al. 2006, Suzuki et al. 
2012, Ramm et al. 2013). For example, Smith et al. (2010) revealed that a D. 
noxia tolerant wheat line had elevated levels of peroxidases (and other genes 
associated with ROS metabolism), whereas the susceptible line showed an 
increase in auxin (AUX) related transcripts and lacked the up-regulation of ROS 
metabolism related transcripts. In our study, peroxidases and laccases were 
strongly induced by greenbug herbivory. In general, the upregulation of 
peroxidases and laccases is indicative of a role in ROS mitigation; however, it is 
unclear if this contributes to some tolerance. While KxS does have moderate 
tolerance to yellow sugarcane aphid, it has been reported to be susceptible to 
greenbugs (Koch et al. 2014a). Accordingly, it seems other mechanisms are 
likely responsible for the yellow sugarcane tolerance in this system.  
Both greenbugs and yellow sugarcane aphids induced significant changes 
in carbon metabolism. Genes associated with chlorophyll biosynthesis and 
carbon fixation were generally downregulated by both aphid species, whereas 
the chlorophyll catabolic genes, CBR, CHL, and PAO were induced. The 
downregulation of photosynthesis related genes in after herbivory appears to be 
a near universal response in both resistant and susceptible plants (Bilgin et al. 
2010, Kerchev et al. 2012). It has been suggested that supporting the induction 
of defensive compounds with N limitations may require a rebalancing of 
photosynthetic protein levels (Bilgin et al. 2010). However, plants that can 
maintain or recover photosynthetic activity generally appear to have increased 
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tolerance to insect herbivory (Burd and Elliott 1996, Girma et al. 1998, Haile et al. 
1999, Botha et al. 2006, Heng-Moss et al. 2006, Franzen et al. 2007, Murugan et 
al. 2010, Luo et al. 2014, Cao et al. 2015). Interestingly, a previous study using 
ACi curves indicated that Summer switchgrass had reduced photosynthetic 
capacity compared to the resistant Kanlow cultivar when challenged with 
greenbugs (Prochaska 2015). In that regard, it would be interesting to directly 
compare photosynthesis in resistant and susceptible switchgrasses at the 
transcriptional level. 
R genes frequently encode proteins with NB-LRR domains. Notably, 
numerous NB-LRRs were strongly induced in response to greenbug feeding. To 
date, three R genes have been cloned (Mi-1.2, Vat and Bph14) which encode 
NBS-LRR proteins (Kaloshian et al. 2000, Du et al. 2009, Dogimont et al. 2010, 
Dogimont et al. 2014). In tomato, Mi-mediated resistance is effective against 
specific potato aphid biotypes as well as whitefly biotypes (Kaloshian et al. 2000, 
Casteel et al. 2006). Specifically, it has been reported that the LRR region of Mi-
1.2 signals programmed cell death (Smith and Clement 2012), while a gene-for-
gene interaction has been proposed, where Mi-1.2 and aphid elicitors interact to 
trigger signaling cascades that quickly activate plant defenses against aphids 
(Hwang et al. 2000, Dogimont et al. 2010). In Cucumis melo L., Vat also encodes 
for a CC-NBS-LRR protein which confers a high level of resistance to A. gossypii 
and is characterized by reduced feeding, fecundity, and aphid survival. Vat-
mediated resistance appears to result in a broad-spectrum response, including a 
microscopic hypersensitive response (HR), deposits of callose and lignin, and a 
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micro-oxidative burst at A. gossypii feeding sites (Shinoda 1993, Villada et al. 
2009, Dogimont et al. 2014). Recently, Frazier et al. (2016) identified 1011 
potential NB-LRR resistance gene homologs (RGHs) in the switchgrass genome, 
of which 40 potentially contain unique domains. 
One stark contrast in the defense response of KxS plants to greenbugs 
and yellow sugarcane aphids involves a flavonoid biosynthesis pathway. Notably, 
genes involved in the first six enzymatic steps in flavonoid biosynthesis were 
highly expressed in yellow sugarcane aphid-infested plants at 15-DAI, but not in 
greenbug-infested plants. Interestingly, two products of this pathway, quercetin 
kaempferol, have been demonstrated to provide some resistance to aphids in 
other systems. For example, quercetin is involved in the resistance of cowpea to 
the cowpea aphid, Aphis fabae Scopoli, and works by inhibiting aphid growth 
(Lattanzio et al. 2000). Likewise, the kaempferol derivative kaempferol-3,7-
dirhamnoside (KRR) was reported to have a negative effect on cabbage butterfly, 
Pieris brassicae (L.), growth (Onkokesung et al. 2014). However, more work will 
be needed to clarify whether flavonols are indeed induced and contribute to 
resistance in yellow sugarcane aphid-infested plants. 
 These data provide new information on aphid-switchgrass interactions 
using a hybrid cultivar. Based on these data, KxS plants appear to mount a 
similar response to greenbugs as was previously reported for Summer plants 
challenged by greenbugs (Donze-Reiner et al. 2017). However, KxS plants 
display some divergent responses to yellow sugarcane aphids. Early 
transcriptional changes included upregulation of ROS detoxifying enzymes for 
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greenbug-infested plants, suggesting ROS accumulation in infested plants. 
However, peroxidases and laccases peaked at 15-DAI in yellow sugarcane 
aphid-infested plants, which could suggest that ROS accumulation is not as rapid 
in response to yellow sugarcane aphids. Both aphids induced an early 
downregulation of genes associated with photosynthesis and primary carbon 
metabolism, potentially to starve aphids of nutrients and/or direct resources to 
the production of defense-related metabolites. By 5-DAI, greenbug feeding had 
also resulted in a broad upregulation of defense-related NB-ARC domain (NB-
LRR) proteins, which have been identified as important resistance genes (R 
genes) for specific insects (Smith and Chuang 2014, Louis and Shah 2015). 
However, fewer NB-LRRs were upregulated in response to yellow sugarcane 
aphids, peaking at 15-DAI. Furthermore, greenbugs and yellow sugarcane 
aphids induced differing sets of metabolites. In general, metabolites induced by 
greenbugs contained a majority (10 out of 12) of the identified amino acids as 
well as purines. On the other hand, metabolites induced by yellow sugarcane 
aphids appeared to have strong links with primary carbon metabolism. Overall, 
greenbugs appear to induce strong and broad-scale defensive responses in KxS 
switchgrass. On the other hand, responses to yellow sugarcane aphids appear to 
be more muted and generally delayed, relative to plants infested with greenbugs. 
Indeed, this is supported by the fact that yellow sugarcane aphids colonize KxS 
plants more readily and are apparently less virulent to the plants.  
Our results provide the first analysis of yellow sugarcane aphid-
switchgrass interactions using next-generation sequencing. Ultimately, this work 
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will facilitate development of improved perennial bioenergy grasses with insect 
resistance. Future evaluations should directly compare resistant and susceptible 
switchgrasses to elucidate effective defenses to determine the possible 
mechanisms and location of switchgrass resistance to cereal aphids. Indeed, 
identification of resistance mechanisms is crucial to provide effective and 
sustainable pest management strategies. 
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Figures 
 
Figure 3.1. Aphid numbers and damage ratings of samples collected throughout 
the time course. Bars with the same letter within a column are not significantly 
different (P > 0.05), LSD test. 
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Figure 3.2. Phytohormones (JA, SA, ABA) and differentially abundant metabolites (by LCMS) in control and 
infested plants. Bars with the same letter within a column are not significantly different (P > 0.05), LSD test.  
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Figure 3.3. Transcriptome discriminate analysis of all genes and heat map of 
DEGS (~18k). The first canonical axis primarily divided the samples by time, with 
the 5-DAI samples (circles) on the left, and the 10- (squares) and 15-DAI 
(triangles) samples on the right. The second canonical axis divided the samples 
based on aphid infestation with non-infested controls (blue) on the bottom, and 
greenbug (green) and yellow sugarcane aphid (gold) infested samples on the 
top. Heatmap of global changes in differentially expressed genes based on z-
scores where cyan is low expression and magenta is high expression. 
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Figure 3.4. Genes differentially expressed in control and infested plants associated with primary plant metabolism. 
Chlorophyll biosynthesis and degradation genes (first column). Photosynthesis (C4) genes (second column). 
Differential expression of genes is based on z-scores where cyan is low expression and magenta is high 
expression. 
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Figure 3.5. Genes differentially expressed in control and infested plants 
associated with plant redox metabolism. RBOHs, Catalases, and SODs (first 
column). Peroxidases (middle column). Laccases (third column). Differential 
expression of genes is based on z-scores where cyan is low expression and 
magenta is high expression. 
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Figure 3.6. Genes differentially expressed in control and infested plants associated with plant defense. PR genes 
and Chitin-related genes (first column). NB-LRRs and Protease Inhibitors (second column). Proteases (third and 
fourth columns). Differential expression of genes is based on z-scores where cyan is low expression and magenta 
is high expression. 
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Figure 3.7. Flavonoid biosynthesis pathway and associated genes induced by yellow sugarcane aphid. Enzymatic 
steps (Panel A). Expression profile of genes involved in flavonoid biosynthesis (Panel B). The first six steps in 
flavonoid biosynthesis were all highly expressed in yellow sugarcane aphid-infested plants (yellow arrows). 
Differential expression of genes is based on z-scores where cyan is low expression and magenta is high 
expression. 
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Chapter 4 
Transcriptional Profiling of Greenbug and Yellow Sugarcane Aphid on 
Resistant and Susceptible Switchgrass (Panicum virgatum L.) 
 
Introduction 
Plants face continuous challenges by both biotic and abiotic stressors. Of 
biotic stressors, aphids (Hemiptera: Aphididae) are major insect pests of 
agricultural crops around the world and may be of particular importance for their 
ability to damage crops by removing photo assimilates and their efficient ability to 
transmit numerous devastating plant viruses (Smith and Boyko 2007). Moreover, 
aphids possess a remarkably short developmental period, due largely to a 
‘telescoping of generations’ (Dixon 1998, Awmack and Leather 2007). 
Consequently, aphids have extremely high growth and developmental rates, 
allowing aphid populations to rapidly reach levels that are damaging to crop 
plants.  
Switchgrass, Panicum virgatum L., is a perennial, polyploid warm-season 
grass with excellent potential as a biomass crop (Vogel 2004, Bouton 2008, 
Mitchell et al. 2008, Sanderson and Adler 2008, Sarath et al. 2008, Casler 2012). 
Recent studies have demonstrated the potential for two important cereal aphids, 
greenbugs, Schizaphis graminum (Rondani), and yellow sugarcane aphids, 
Sipha flava (Forbes), to colonize switchgrass (Burd et al. 2012, Koch et al. 
2014b). Moreover, differential levels of resistance to cereal aphids has been 
characterized in switchgrasses (Koch et al. 2014a, Koch et al. 2014c). 
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Specifically, the switchgrass cultivar Kanlow was demonstrated to possess 
relatively high levels of resistance to both greenbug and yellow sugarcane aphid, 
while the cultivar Summer was susceptible to yellow sugarcane aphids and 
moderately tolerant to greenbugs. Furthermore, the use of insect resistant 
cultivars as part of a pest management strategy could be an attractive approach 
to help mitigate crop losses to insect herbivory in this nascent sector. Indeed, 
insect resistant cultivars offer an economic advantage to producers since control 
is genetically incorporated for the cost of the seed alone, and even relatively 
moderate levels of resistance can be combined with pesticide applications to 
reduce the costs of chemical inputs (Smith 2005).  
 Significant progress has been made recently in understanding the 
molecular and biochemical responses to plants in response to insect herbivory. 
For example, plant defense strategies aimed at mitigating insect herbivory can 
include localized cell death (Pegadaraju et al. 2005, Louis and Shah 2015), 
structural fortifications such as cell-wall strengthening (e.g., callose and lignin) 
(van Bel 2006, Hao et al. 2008, Du et al. 2009), biochemical and molecular 
associated defenses (Kessler and Baldwin 2002, Kerchev et al. 2012), and 
changes in resource availability (Endara and Coley 2011). Moreover, some 
plants are able to tolerate to insect herbivory by increasing photosynthetic activity 
(Heng-Moss et al. 2006, Franzen et al. 2007, Murugan et al. 2010, Luo et al. 
2014, Cao et al. 2015) and/or up-regulating detoxification mechanisms to 
counteract deleterious effects of insect herbivory (Heng-Moss et al. 2003, Gulsen 
et al. 2007, Gutsche et al. 2009, Ramm et al. 2013). In switchgrass, Donze-
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Reiner et al. (2017) explored the global transcriptomic response of the Summer 
cultivar to greenbugs and reported a large upregulation of defense-associated 
genes and a reduction in C and N assimilation by 10 days after infestation. 
Potentially, the reduction in C and N assimilation could serve to divert resourses 
away from aphids and towards the production of defensive compounds, including 
pipecolic acid, chlorogenic acid, and trehalose (Donze-Reiner et al. 2017).  
Conversely, considerably less attention has been directed toward 
understanding the molecular responses of insects resulting from plant-insect 
interactions. However, plants and their defense mechanisms also serve as biotic 
stressors for insects within these interactions. Accordingly, a holistic 
understanding of the molecular interactions in both the plant and the insect 
component of plant-insect interactions can provide valuable information relating 
to specific resistance mechanisms. Therefore, the aim of this study was to 
characterize the molecular response of greenbugs and yellow sugarcane aphids 
when fed on a resistant, moderately tolerant or susceptible switchgrass using 
RNA-Sequencing (RNA-Seq). Our goal was to elucidate the molecular 
mechanisms underlying the responses of greenbugs and yellow sugarcane 
aphids when feeding on switchgrass and potentially provide insights into 
resistance mechanisms involved in the aphid resistant Kanlow. 
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Materials and Methods 
Plant material. Two switchgrass cultivars, ‘Kanlow’ and ‘Summer’, were 
used to explore the molecular responses of greenbugs and yellow sugarcane 
aphids feeding on switchgrass. Kanlow is a lowland-tetraploid cultivar that 
originated from switchgrass collected near Wetumka, OK, while Summer is an 
upland-tetraploid cultivar, derived from plants collected near Nebraska City, NE 
(Alderson and Sharp 1994, Mitchell et al. 2008). Kanlow has demonstrated 
significant resistance to both aphid species, whereas Summer is generally 
susceptible to both with only modest tolerance to greenbugs (Koch et al. 2014a). 
Seeds for the two cultivars were provided by Dr. Kenneth Vogel, USDA- ARS 
(Retired), Lincoln, NE. In addition, the greenbug-susceptible sorghum cultivar, 
‘BCK60’, was used to compare switchgrass-aphid interactions with a well-
documented host for both aphid species. 
Switchgrass and sorghum plants were grown in SC-10 Super Cell Single 
Cell Cone-tainers (3.8 cm diameter by 21 cm deep) (Stuewe & Sons, Inc., 
Corvallis, OR) containing a Fafard Growing Media (Mix No. 3B) (Sun Gro 
Horticulture Distribution Inc., Agawam, MA). Plants were maintained in a 
greenhouse at 25 ± 4°C with the lighting augmented by LED lights (Pro 325, 
Lumigrow, Novato, CA) to produce a photoperiod of 16:8 (L:D) h to the V2 
developmental stage (Moore et al. 1991). Plants were fertilized every two weeks 
with a water-soluble (20:10:20 N-P-K) fertilizer. After emergence, plants were 
thinned to one plant per cone-tainer. 
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Insect colonies. Colonies for greenbugs (biotype I) and yellow sugarcane 
aphids were obtained from Dr. John D. Burd, USDA-ARS in Stillwater, 
Oklahoma. The greenbug colony was maintained in a plant growth chamber at 
25 ± 2°C with a photoperiod of 16:8 (L:D) h, while the yellow sugarcane aphid 
colony was kept in the greenhouse at 25 ± 4°C and a photoperiod of 16:8 (L:D) h 
within clear plastic cages (12.5 cm in diameter and ventilated with organdy 
fabric). Both aphid colonies were maintained on a continuous supply of ‘BCK60’ 
sorghum plants. Both aphid colonies used in these experiments were established 
from single viviparous parthenogenetic females to limit variation from multiple 
genetic backgrounds. 
Experimental conditions and sample collection. Twelve age-
synchronized adult aphids were delicately transferred with a fine brush onto the 
youngest fully-developed Kanlow, Summer or BCK60 leaf. After transferring the 
aphids, plants were caged individually with tubular plastic cages (4 cm diameter 
by 46 cm height) with vents covered with organdy fabric. Aphids were allowed to 
feed on plants for 12 or 24 hr. Additionally, a fourth treatment group of aphids 
were starved by caging the aphids within custom-built plastic petri dish cages 
(8.9 by 2.5 cm) with two mesh windows (7 cm diameter) to allow for circulation. 
At the end of each evaluation time, aphids were collected in 1.5 mL eppendorf 
tubes, flash frozen in liquid nitrogen, and immediately transferred into a freezer at 
-80°C until samples could be processed. Four biological replicates were used for 
each treatment combination, while each replicate consisted of aphids pooled 
from three separate plants of the same cultivar (~30 aphids per replicate). 
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RNA extraction and sequencing. A total of 72 RNA samples (36 for 
each greenbug and yellow sugarcane aphid) were isolated from aphid samples. 
Total RNA was isolated and purified from aphid samples using Qiagen® RNeasy 
extraction kit (Qiagen, Valencia, CA) according to manufacturer protocols. RNA 
quality was determined with a spectrophotometer (NanoDrop 1000, Wilmington, 
DE) and integrity was confirmed using the Agilent 2100 Bioanalyzer. Total RNA 
was reverse-transcribed and converted into sequencing libraries using the 
TruSeqTM RNAseq Library kit according to the manufacturer’s protocols (Illumina 
Inc, San Diego, CA). The individual samples were diluted to a concentration of 10 
nM and multiplexed at five samples per lane. Single read 100-bp sequencing was 
performed on the Illumina HiSeq2500 system. All RNA-Seq libraries, indexing 
and sequencing were performed at the DNA Microarray and Sequencing Core 
Facility at the University of Nebraska Medical Center. 
RNA-Seq analysis. Coexpression analysis was done using the Weighted 
Gene Coexpression Network Analysis (WGCNA) (Langfelder and Horvath 2008) 
package in R (Team 2011). Differential gene expression analysis was performed 
using DESeq2 (Anders and Huber 2010, Love et al. 2014) in R (Team 2011). 
Pairwise comparisons were used to generate a list of differentially expressed 
genes (DEGs) for the entire dataset using an FDR cutoff of 0.05. Enrichment 
analysis of GO terms associated with differentially expressed genes (DEGs) for 
each feeding treatment, relative to ‘susceptible’ BCK60 sorghum, was performed 
using GOseq (Young et al. 2010) at a false discovery rate of 0.1. 
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Results 
Sequencing results. The paired-end sequencing of RNA extracted from 
both greenbugs and yellow sugarcane aphids yielded a total of approximately 1 
billion 100-bases paired-end reads, each. 
Principal components and differential expression analysis. Principal 
components were used as covariates for discriminate analysis and both feeding 
treatment- and time-induced changes in transcriptional profiles were documented 
for both aphid species (Figures 4.1 and 4.4). For greenbugs, the first canonical 
axis primarily divided the transcriptomes by feeding treatment, with all sorghum 
(BCK60) fed samples clearly separated from all others (Figure 4.1). Similarly, 
aphids starved for 24 hr were separated from all other samples. The second 
canonical axis primarily divided the switchgrass (Summer and Kanlow) fed 
greenbugs based on time. For yellow sugarcane aphids, the first canonical axis 
primarily divided the transcriptomes by both feeding treatment and time (Figure 
4.4). Yellow sugarcane aphid samples from Summer and Kanlow were tightly 
grouped within time points. Global changes in differentially expressed genes 
(DEGs) were identified using an FDR ≤ 0.05 and a fold change of ≥ 2. 
For both greenbug and yellow sugarcane aphid, the total number of 
differentially expressed genes varied considerably between time points. For 
greenbugs, 1273 and 3994 genes were differentially expressed relative to the 
BCK60 control at 12 and 24 hr, respectively (Figures 4.2 and 4.3). Likewise, in 
yellow sugarcane aphids, 444 and 2560 genes were differentially expressed at 
12 and 24 hr, respectively (Figures 4.5 and 4.6). In general, starvation had the 
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greatest effect on gene expression for both greenbugs (4665 differentially 
expressed genes; Figure 4.3) and yellow sugarcane aphids (2562 differentially 
expressed genes; Figure 4.6). Overall, both switchgrass cultivars (Kanlow and 
Summer) had similar effects on aphid gene expression. For greenbugs, 1869 and 
2463 genes were differentially expressed on Summer and Kanlow, respectively. 
Similarly, a total of 1419 and 1472 genes were differentially expressed in yellow 
sugarcane aphids on Summer and Kanlow, respectively, relative to BCK60 
controls. 
For the 12 hr treatment, 354 greenbug genes were upregulated in all three 
feeding treatments (Summer, Kanlow and starved), while 16 were downregulated 
in all three (Figure 4.3). By 24 hr, 540 genes were similarly upregulated and 282 
downregulated in all feeding treatments. Additionally, 252 genes were 
differentially expressed in all three feeding treatments at both time points (243 
upregulated and 9 downregulated). Overall, DEGs of greenbug genes on both 
switchgrasses seem to follow a similar pattern to starved aphids; only 5 and 23 
genes were differentially expressed in Kanlow- and Summer-fed greenbugs, but 
not starved aphids at 12 and 24 hr, respectively. Both switchgrasses had a much 
less pronounced effect on yellow sugarcane aphid gene expression after 12 hr of 
feeding. Indeed, only 48 (42 downregulated and 6 upregulated) and 19 (15 
downregulated and 4 upregulated) genes were differentially expressed in yellow 
sugarcane aphids on Summer and Kanlow, respectively, after 12 hr of feeding 
(Figure 4.6). However, after 24 hr of feeding, the number of DEGs reached 1396 
(652 downregulated and 744 upregulated) on Summer and 1453 (723 
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downregulated 730 upregulated) on Kanlow. Only three genes in yellow 
sugarcane aphids were differentially expressed in all three feeding treatments (1 
upregulated and 2 downregulated). However, there was considerable overlap of 
DEGs among all three feeding treatments after 24 hr of feeding. Specifically, 479 
genes were upregulated, while 484 were downregulated in starved, Summer- 
and Kanlow-fed yellow sugarcane aphids. Of the 2557 DEGs in yellow sugarcane 
aphids after the 24 hr treatment, only 74 (31 downregulated and 43 upregulated) 
were differentially expressed in aphids that had fed on either switchgrass, but not 
starved aphids. 
Gene ontology (GO) enrichment analysis of starvation induced genes in 
greenbugs revealed increases of many biological pathways including 
biosynthesis of energy components, enzymes involved in oxidative processes, 
and peptidase activity at both 12 and 24 hr harvests. Greenbug responses to 
switchgrass (Summer and Kanlow) generally showed similar GO enrichment as 
starved aphids. Accordingly, response of greenbugs fed on Kanlow included a 
similar increase of biosynthesis of energy components, enzymes involved in 
oxidative processes, and peptidase activity at both 12 and 24 hr harvests, while 
greenbugs fed on Summer showed increased biosynthesis of energy 
components and enzymes involved in oxidative processes after 12 hr of feeding, 
as well as peptidase activity after 24 hr. 
Conversely, after 12 hr, there was no significant enrichment of biological 
pathways for yellow sugarcane aphids that had been starved or fed on Kanlow 
plants. Additionally, enrichment analysis of induced genes for yellow sugarcane 
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aphids that had fed on Summer for 12 hr revealed increased asparagine 
biosynthetic processes. After 24 hr, many of the yellow sugarcane aphid 
transcripts induced on all treatments were assigned to carbohydrate and lipid 
metabolic pathways. 
Switchgrass and starvation induce upregulation of stress responsive 
genes. Generally, both aphids responded to starvation by upregulating genes 
associated with carbohydrate biosynthetic processes and metabolism, oxidation-
reduction processes, NADP binding, and protease activity (Tables 4.1 - 4.4). 
Upregulated genes associated with carbohydrate biosynthetic processes include 
6-phosphogluconate dehydrogenase decarboxylating, glycogen (starch) 
synthase, glycogenin-1 (GN1), phosphoenolpyruvate carboxykinase (PEPCK) 
and 1,4-alpha-glucan-branching enzyme. However, fewer genes associated with 
carbohydrate biosynthetic processes were upregulated in aphids that had fed on 
either Kanlow or Summer. Nonetheless, Kanlow induced PEPCK in yellow 
sugarcane aphids after 12 hr, while Summer induced upregulation of glycogen 
synthase after 24 hr of feeding.  
Both starved aphids and aphids that had fed on Summer and Kanlow 
responded transcriptionally with the upregulation of genes associated with 
xenobiotic metabolism. In greenbugs, 27 genes related to cytochrome P450 were 
differentially expressed in starved and switchgrass fed aphids, relative to 
greenbugs fed on BCK60. Starvation had the greatest effect on cytochrome P450 
related genes in greenbugs with 22 genes significantly upregulated by 24 hr. Of 
those cytochrome P450 genes, 18 were also upregulated in greenbugs fed on 
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switchgrass (Summer and/or Kanlow). Interestingly, Kanlow significantly induced 
increased expression of 8 cytochrome P450 genes in greenbugs at 12 hr after 
feeding, while none were induced by Summer at the same time point (Table 4.1). 
Moreover, one cytochrome P450 gene (TRINITY_DN22224_c1_g1) was uniquely 
expressed in greenbugs challenged by Kanlow at that time point. However, after 
24 hr of feeding, Summer induced 7 cytochrome P450 genes in greenbugs, while 
only 3 were significantly induced by Kanlow (Table 4.2). In yellow sugarcane 
aphids, 26 genes related to cytochrome P450 were differentially expressed as a 
result of feeding treatment. Only one gene related to cytochrome P450 was 
induced in starved yellow sugarcane aphids after 12 hr (Table 4.3); however, 10 
were significantly induced in the 24 hr treatment. Likewise, at the 12 hr time 
point, one cytochrome P450 gene (CYP4V2) was induced by Summer in yellow 
sugarcane aphids. Further, after 24 hr of feeding, two cytochrome P450 genes 
were induced by Summer and one by Kanlow (Table 4.4). 
Several additional genes related to xenobiotic metabolism were 
differentially expressed among treatments for greenbugs and yellow sugarcane 
aphids, including genes related to carboxylesterase, glutathione S-transferase, 
and ABC transporters. In total, 14 carboxylesterases, 9 glutathione S-transferase 
related genes, and 35 ABC transporters were differentially expressed in 
greenbugs as a result of food source and time. Of the 14 differentially expressed 
carboxylesterases in greenbugs, eight were upregulated in starved greenbugs, 
while one carboxylesterase was up regulated in greenbugs in all three feeding 
treatments. Eight glutathione S-transferase related genes were up regulated in 
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starved greenbugs, three of which were also induced by Kanlow and one by 
Summer. In starved greenbugs, 10 genes associated with ABC transporters were 
significantly induced at the 12 hr time point, while only one was downregulated. 
Similarly, 14 ABC transporters were upregulated and 6 down regulated after 24 
hr of starvation. In greenbugs fed on Summer, only two ABC transporters were 
significantly induced at each time point. Likewise, Kanlow significantly induced 
one ABC transporter in greenbugs after 12 hr of feeding and four after 24 hr of 
feeding. 
For yellow sugarcane aphids, 16 carboxylesterases and 43 ABC 
transporter related genes were differentially expressed as a result of treatment 
and time. Starvation resulted in the downregulation of four and seven 
carboxylesterase related genes in yellow sugarcane aphids after 12 and 24 hr 
treatments, respectively. Additionally, four carboxylesterase related genes were 
upregulated in starved aphids at each time point. Only one carboxylesterase 
related gene was induced in yellow sugarcane aphids by Kanlow, while one was 
downregulated by Summer after 24 hr of feeding. Glutathione S-transferase 
related genes were not as responsive to starvation and switchgrass induced 
stress in yellow sugarcane aphids. Only one was upregulated in starved aphids 
at both time points, while another two were downregulated after 24 hr (Tables 4.3 
and 4.4). Of the differentially expressed ABC transporter related genes, 11 were 
induced in starvation treated aphids after 24 hr, while two were induced by 
Summer and one by Kanlow. Yellow sugarcane aphids feeding on Summer 
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resulted in the downregulation of five ABC transporter related genes, two after 12 
hr and three after 24 hr.   
RNA-Seq analysis revealed 25 protease-related genes with increased 
transcript abundance in greenbugs as a result of feeding on switchgrass or 
starvation. These included 17 transcripts similar to cysteine protease and 13 
similar to serine protease. Further, 17 protease-related genes were induced in 
Kanlow fed greenbugs after 12 hr of feeding. No protease-related genes were 
induced by Summer after 12 hr of feeding; however, by the 24 hr time point, eight 
protease-related genes were induced in greenbugs that had fed on Summer. 
Analysis also revealed six differentially expressed protease-related genes in 
yellow sugarcane aphids among treatments. Three of the protease-related genes 
were induced in yellow sugarcane aphids that had fed on Kanlow after 24 hr of 
feeding, while two more were down regulated in the same treatment. One of the 
protease-related genes induced by Kanlow was also upregulated in yellow 
sugarcane aphids that had fed on Summer. 
Additionally, 25 stress responsive genes related to heat shock proteins 
(hsp) were differentially expressed in greenbugs (Tables 4.1 and 4.2). Ten hsp 
genes were significantly induced by starvation in greenbugs between both time 
points, while 13 were downregulated. Greenbugs that fed on both Summer and 
Kanlow had five and nine hsp genes downregulated, respectively. Analysis 
revealed differential expression for 23 hsp genes in yellow sugarcane aphids. 
Only three hsp genes were significantly induced in yellow sugarcane aphids after 
24 hr of starvation, while 20 hsp genes were downregulated. A total of five hsp 
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genes were downregulated in yellow sugarcane aphids that fed on Summer 
between both time points, while one hsp gene was downregulated in aphids that 
fed on Kanlow. 
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Discussion  
 Intuitively, starvation induced large-scale transcriptional responses in 
greenbugs and yellow sugarcane aphids. These responses included induction of 
many genes associated with carbohydrate biosynthetic and metabolic pathways. 
Stress induced upregulation of basic energy components, such as glycogen 
synthase, is consistent with previous reports in aphids (Silva et al. 2012, Enders 
et al. 2014). Notably, Enders et al. (2014) also documented an upregulation of 
carbohydrate biosynthetic genes, including 1,4 a-glucan-branching enzyme-like, 
glycogen synthase, and glycogenin in staved soybean aphids (Aphis glycines). 
Possibly, this upregulation of genes associated with carbohydrate biosynthesis 
and metabolism may be an attempt to mitigate stress, at least temporarily, by 
accessing and mobilizing energy stores (Silva et al. 2012, Enders et al. 2014). 
Crucially, the induction of genes associated with biosynthesis and metabolism of 
carbohydrates and lipids in greenbugs and yellow sugarcane aphids that had fed 
on either switchgrass cultivar could indicate that anti-feeding or anti-nutritional 
mechanisms play a role in aphid resistance. Indeed, transcriptional analysis of 
switchgrass infested with greenbugs has revealed that Summer plants display a 
significant downregulation of primary metabolism, which may effectively function 
to starve aphids of nutrients (Donze-Reiner et al. 2017). Additionally, Donze-
Reiner et al. (2017) reported an increased abundance of pipecolic acid, trehalose 
and chlorogenic acid. Pipecolic acid is a signaling compound involved in 
systemic acquired resistance (SAR) (Shah et al. 2014), while trehalose can 
regulate carbohydrate metabolism in leaves (Sheen 2014). Leaf senescence 
  
 
158 
 
resulting in the programmed degradation of cellular components has been 
demonstrated to be an important mechanism of resistance in Arabidopsis to 
Myzus persicae (Sulzer) feeding, where premature leaf senescence results in the 
export of nutrients out of the senescing leaf, effectively limiting aphid growth 
(Pegadaraju et al. 2005, Louis and Shah 2015).  
 Furthermore, many genes which play a role in xenobiotic metabolism were 
increased in aphids that had been starved. Xenobiotic metabolism typically 
occurs in three phases (Xu et al. 2005, Li et al. 2007). Cytochrome P450s play a 
crucial role in oxidation-reduction of metabolites in phase I. Cytochrome P450s 
were broadly induced by both switchgrass and starvation in aphids. For 
greenbugs, this induction was generally more rapid with aphids upregulating 
cytochrome P450s within 12 hr of treatment. However, for yellow sugarcane 
aphids feeding on switchgrass, significant induction of cytochrome P450s did not 
occur until after 24 hr of feeding. Phase II metabolizing or conjugating enzymes 
include sulfotransferases, UDP-glucuronosyltransferases, glutathione S-
transferases and carboxylesterases, which conjugate the products of phase I (Xu 
et al. 2005). Phase II enzyme that were differentially expressed in our study 
included glutathione S-transferases and carboxylesterases. In general, several 
phase II enzymes were induced in greenbugs among all treatments; however, 
phase II enzymes were generally not as responsive in yellow sugarcane aphids 
that had fed on switchgrass. Phase III enzymes include ATP-binding cassette 
(ABC) transporters which are efflux transporters that facilitate the removal of the 
conjugated compounds from the cell (Xu et al. 2005). For phase III, ABC 
  
 
159 
 
transporters were generally induced for both aphid species after starvation; 
however, ABC transporters were not strongly induced in aphids after feeding on 
either switchgrass. Indeed, several ABC transporters were downregulated in 
yellow sugarcane aphids after feeding on switchgrass for 24 hr. Although the 
upregulation of several genes associated xenobiotic metabolism was discovered 
for aphids feeding on switchgrass, xenobiotic metabolism genes were even more 
broadly upregulated in response to starvation in most cases. Accordingly, it 
remains unclear to what extent plant metabolites specifically may contribute to 
aphid resistance in Kanlow plants. Indeed, these xenobiotic metabolic enzymes, 
such as cytochrome P450s, are known to perform multiple biological functions. 
 Another mechanism plants employ to protect against herbivory is the 
deployment of protease inhibitors (PIs). Protease inhibitors are small proteins 
that are induced in plants in response to insect injury and may interfere with the 
digestive process of insects (Habib and Fazili 2007). Conversely, insects may 
circumvent the deleterious effects of PIs by elevating expression of protease 
(Bown et al. 1997). Moreover, aphid salivary proteases may play an important 
role in establishing a compatible interaction by suppressing plant defense 
responses (Furch et al. 2015). Both cysteine and serine protease were induced 
in greenbugs that had fed on Kanlow for 12 hr, but not greenbugs fed on 
Summer; however, protease were upregulated in Summer-fed greenbugs after 
24 hr. Donze-Reiner et al. (2017) documented a significant induction of PIs in 
Summer plants upon greenbug herbivory. Although no studies have yet 
evaluated PIs in Kanlow in response to aphid herbivory, it is possible that PIs 
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contribute the increased levels of greenbug-resistance in Kanlow. However, a 
broad upregulation of protease was not observed for yellow sugarcane aphids 
feeding on switchgrass. 
 This study provides a foundation for understanding the molecular 
interactions between switchgrass and two cereal aphids. Moreover, this work 
provides a comprehensive dataset for the characterization of transcriptional 
changes in greenbugs and yellow sugarcane aphids fed on switchgrasses. 
Indeed, a comprehensive understanding of the molecular interactions between 
switchgrasses being developed as bioenergy feedstocks and cereal aphids can 
provide important clues about the resistance mechanisms involved in these 
interactions. Identifying specific resistance mechanisms can be particularly 
valuable to providing effective integrated pest management strategies. 
Additionally, understanding the molecular, physiological and behavioral 
responses of aphids to those resistance mechanisms could potentially lead to 
more sustainable pest management strategies by providing foresight into 
possible insect countermeasures to host resistance. Accordingly, additional 
studies evaluating the molecular interactions of insects on resistant plants should 
be emphasized to further our understanding of specific underlying resistance 
mechanisms. 
   
 
 
 
  
 
161 
 
References 
 
Alderson, J., and W. C. Sharp. 1994. Grass varieties in the United States. 
Agric. Handb. 170,  Washington, DC, USDA, Soil Conserv. Serv. 
Anders, S., and W. Huber. 2010. Differential expression analysis for sequence 
count data. Genome Biol 11: R106. 
Awmack, C. S., and S. R. Leather. 2007. Growth and development, pp. 135-
151. In H. F. van Emden and R. Harrington (eds.), Aphids as crop pests. 
CABI, Cambridge, MA. 
Bouton, J. 2008. Improvement of switchgrass as a bioenergy crop, pp. 295-308. 
In W. Vermerris (ed.), Genetic improvement of bioenergy crops. Springer. 
Bown, D. P., H. S. Wilkinson, and J. A. Gatehouse. 1997. Differentially 
regulated inhibitor- sensitive and insensitive protease genes from the 
phytophagous insect pest, Helicoverpa armigera, are members of complex 
multigene families. Insect Biochem. Mol. Biol. 27: 625-638. 
Burd, J. D., J. R. Prasifka, and J. D. Bradshaw. 2012. Establishment and host 
effects of cereal aphids on switchgrass (Panicum virgatum L.) cultivars. 
Southwest. Entomol. 37: 115-122. 
Cao, H. H., M. Z. Pan, H. R. Liu, S. H. Wang, and T. X. Liu. 2015. Antibiosis 
and tolerance but not antixenosis to the grain aphid, Sitobion avenae 
(Hemiptera: Aphididae), are essential mechanisms of resistance in a 
wheat cultivar. Bull Entomol Res 105: 448-455. doi: 
10.1017/S0007485315000322. 
Casler, M. D. 2012. Switchgrass breeding, genetics, and genomics, pp. 29-53. In 
A. Monti (ed.), Switchgrass. Springer, London. 
Dixon, A. F. G. 1998. Aphid ecology: an optimization approach,  2nd ed. 
Chapman & Hall, London. 
Donze-Reiner, T., N. A. Palmer, E. D. Scully, T. J. Prochaska, K. G. Koch, T. 
Heng-Moss, J. D. Bradshaw, P. Twigg, K. Amundsen, S. E. Sattler, 
and G. Sarath. 2017. Transcriptional analysis of defense mechanisms in 
upland tetraploid switchgrass to greenbugs. BMC Plant Biol. 17: 46. doi: 
10.1186/s12870-017-0998-2. 
Du, B., W. Zhang, B. Liu, J. Hu, Z. Wei, Z. Shi, R. He, L. Zhu, R. Chen, B. 
Han, and G. He. 2009. Identification and characterization of Bph14, a 
gene conferring resistance to brown planthopper in rice. Proc Natl Acad 
Sci U S A 106: 22163-22168. doi: 10.1073/pnas.0912139106. 
  
 
162 
 
Endara, M.-J., and P. D. Coley. 2011. The resource availability hypothesis 
revisited: a meta-analysis. Funct. Ecol. 25: 389-398. doi: 10.1111/j.1365-
2435.2010.01803.x. 
Enders, L. S., R. D. Bickel, J. A. Brisson, T. M. Heng-Moss, B. D. Siegfried, 
A. J. Zera, and N. J. Miller. 2014. Abiotic and biotic stressors causing 
equivalent mortality induce highly variable transcriptional responses in the 
soybean aphid. G3 (Bethesda) 5: 261-270. doi: 10.1534/g3.114.015149. 
Franzen, L. D., A. R. Gutsche, T. Heng-Moss, L. G. Higley, G. Sarath, and J. 
D. Burd. 2007. Physiological and biochemical responses of resistant and 
susceptible wheat to injury by Russian wheat aphid. J. Econ. Entomol. 
100: 1692-1703. 
Furch, A. C., A. J. van Bel, and T. Will. 2015. Aphid salivary proteases are 
capable of degrading sieve-tube proteins. J Exp Bot 66: 533-539. doi: 
10.1093/jxb/eru487. 
Gulsen, O., R. C. Shearman, T. M. Heng-Moss, N. Mutlu, D. J. Lee, and G. 
Sarath. 2007. Peroxidase gene polymorphism in buffalograss and other 
grasses. Crop Sci. 47: 767. doi: 10.2135/cropsci2006.07.0496. 
Gutsche, A., T. Heng-Moss, G. Sarath, P. Twigg, Y. Xia, G. Lu, and D. 
Mornhinweg. 2009. Gene expression profiling of tolerant barley in 
response to Diuraphis noxia (Hemiptera: Aphididae) feeding. Bull. 
Entomol. Res. 99: 163-173. 
Habib, H., and K. M. Fazili. 2007. Plant protease inhibitors: a defense strategy 
in plants. Biotechnol Mol Biol Rev 2: 68-85. 
Hao, P., C. Liu, Y. Wang, R. Chen, M. Tang, B. Du, L. Zhu, and G. He. 2008. 
Herbivore-induced callose deposition on the sieve plates of rice: an 
important mechanism for host resistance. Plant Physiol. 146: 1810-1820. 
doi: 10.1104/pp.107.111484. 
Heng-Moss, T., T. Macedo, L. Franzen, F. Baxendale, L. Higley, and G. 
Sarath. 2006. Physiological responses of resistant and susceptible 
buffalograsses to Blissus occiduus (Hemiptera: Blissidae) feeding. J. 
Econ. Entomol. 99: 222-228. 
Heng-Moss, T. M., X. Ni, T. Macedo, J. P. Markwell, F. P. Baxendale, S. S. 
Quisenberry, and V. Tolmay. 2003. Comparison of chlorophyll and 
carotenoid concentrations among Russian wheat aphid (Homoptera: 
Aphididae) -infested wheat isolines. J. Econ. Entomol. 96: 475-481. 
Kerchev, P. I., B. Fenton, C. H. Foyer, and R. D. Hancock. 2012. Plant 
responses to insect herbivory: interactions between photosynthesis, 
  
 
163 
 
reactive oxygen species and hormonal signalling pathways. Plant Cell 
Environ 35: 441-453. doi: 10.1111/j.1365-3040.2011.02399.x. 
Kessler, A., and I. T. Baldwin. 2002. Plant responses to insect herbivory: the 
emerging molecular analysis. Annu. Rev. Plant Biol. 53: 299-328. doi: 
10.1146/annurev.arplant.53.100301.135207. 
Koch, K. G., J. D. Bradshaw, T. M. Heng-Moss, and G. Sarath. 2014a. 
Categories of Resistance to Greenbug and Yellow Sugarcane Aphid 
(Hemiptera: Aphididae) in Three Tetraploid Switchgrass Populations. 
BioEnergy Research 7: 909-918. doi: 10.1007/s12155-014-9420-1. 
Koch, K. G., R. Fithian, T. M. Heng-Moss, J. D. Bradshaw, G. Sarath, and C. 
Spilker. 2014b. Evaluation of Tetraploid Switchgrass (Poales: Poaceae) 
Populations for Host Suitability and Differential Resistance to Four Cereal 
Aphids. J. Econ. Entomol. 107: 424-431. 
Koch, K. G., N. Palmer, M. Stamm, J. D. Bradshaw, E. Blankenship, L. M. 
Baird, G. Sarath, and T. M. Heng-Moss. 2014c. Characterization of 
Greenbug Feeding Behavior and Aphid (Hemiptera: Aphididae) Host 
Preference in Relation to Resistant and Susceptible Tetraploid 
Switchgrass Populations. BioEnergy Research 8: 165–174. doi: 
10.1007/s12155-014-9510-0. 
Langfelder, P., and S. Horvath. 2008. WGCNA: an R package for weighted 
correlation network analysis. BMC Bioinformatics 9: 559. 
Li, X., M. A. Schuler, and M. R. Berenbaum. 2007. Molecular mechanisms of 
metabolic resistance to synthetic and natural xenobiotics. Annu. Rev. 
Entomol. 52: 231-253. 
Louis, J., and J. Shah. 2015. Plant defence against aphids: the PAD4 signalling 
nexus. J Exp Bot 66: 449-454. doi: 10.1093/jxb/eru454. 
Love, M. I., W. Huber, and S. Anders. 2014. Moderated estimation of fold 
change and dispersion for RNA-seq data with DESeq2. Genome Biol 15: 
550. doi: 10.1186/s13059-014-0550-8. 
Luo, K., G. Zhang, C. Wang, T. Ouellet, J. Wu, Q. Zhu, and H. Zhao. 2014. 
Candidate genes expressed in tolerant common wheat with resistant to 
english grain aphid. J Econ Entomol 107: 1977-1984. doi: 
10.1603/EC14112. 
Mitchell, R., K. P. Vogel, and G. Sarath. 2008. Managing and enhancing 
switchgrass as a bioenergy feedstock. Biofuels, Bioproducts and 
Biorefining 2: 530-539. doi: 10.1002/bbb.106. 
  
 
164 
 
Moore, K. J., L. E. Moser, K. P. Vogel, S. S. Waller, B. E. Johnson, and J. F. 
Pedersen. 1991. Describing and quantifying growth stages of perennial 
forage grasses. Agron J 83: 1073-1077. 
Murugan, M., S. A. Khan, P. S. Cardona, G. V. Orozco, P. Viswanathan, J. 
Reese, S. Starkey, and C. M. Smith. 2010. Variation of Resistance in 
Barley Against Biotypes 1 and 2 of the Russian Wheat Aphid (Hemiptera: 
Aphididae). J. Econ. Entomol. 103: 938-948. doi: 10.1603/ec09396. 
Pegadaraju, V., C. Knepper, J. Reese, and J. Shah. 2005. Premature leaf 
senescence modulated by the Arabidopsis PHYTOALEXIN DEFICIENT4 
gene is associated with defense against the phloem-feeding green peach 
aphid. Plant Physiol. 139: 1927-1934. doi: 10.1104/pp.105.070433. 
Ramm, C., A. Saathoff, T. Donze, T. Heng-Moss, F. Baxendale, P. Twigg, L. 
Baird, and K. Amundsen. 2013. Expression profiling of four defense-
related buffalograss transcripts in response to chinch bug (Hemiptera: 
Blissidae) feeding. J. Econ. Entomol. 106: 2568-2576. doi: 
10.1603/ec13267. 
Sanderson, M. A., and P. R. Adler. 2008. Perennial forages as second 
generation bioenergy crops. Int. J. Mol. Sci. 9: 768-788. doi: 
10.3390/ijms9050768. 
Sarath, G., R. B. Mitchell, S. E. Sattler, D. L. Funnell, and J. F. Pedersen. 
2008. Opportunities and roadblocks in utilizing forages and small grains 
for liquid fuels. J. Ind. Microbiol. Biotechnol. 35: 343-354. 
Shah, J., R. Chaturvedi, Z. Chowdhury, B. Venables, and R. A. Petros. 2014. 
Signaling by small metabolites in systemic acquired resistance. Plant J. 
79: 645-658. doi: 10.1111/tpj.12464. 
Sheen, J. 2014. Master regulators in plant glucose signaling networks. J Plant 
Biol 57: 67-79. 
Silva, A. X., G. Jander, H. Samaniego, J. S. Ramsey , and C. C. Figueroa. 
2012. Insecticide resistance mechanisms in the green peach aphid Myzus 
persicae (Hemiptera: Aphididae) I: a transcriptomic survey. PLoS ONE 7: 
e36366. 
Smith, C. M. 2005. Plant resistance to arthropods: molecular and conventional 
approaches,  Springer, Dordrecht, Netherlands. 
Smith, C. M., and E. V. Boyko. 2007. The molecular bases of plant resistance 
and defense responses to aphid feeding: current status. Entomol. Exp. 
Appl. 122: 1-16. 
  
 
165 
 
Team, R. C. 2011. R: a language and environment for statistical computing, R 
Foundation for Statistical Computing, Vienna, Austria. 
van Bel, A. J. 2006. Sieve-pore plugging mechanisms, pp. 113-118. In F. 
Baluska, D. Volkmann and P. W. Barlow (eds.), Cell-Cell Channels. 
Landes Bioscience and Springer Science+ Business Media, LLC, New 
York, NY, USA. 
Vogel, K. P. 2004. Switchgrass, pp. 561-588. In L. E. Moser, B. L. Burson and L. 
E. Sollenberger (eds.), Warm-season (C4) grasses. American Society of 
Agronomy, Crop Science Society of America, Soil Science Society of 
America, Madison, WI. 
Xu, C., C. Y. T. Li, and A. N. T. Kong. 2005. Induction of phase I, II and III drug 
metabolism/transport by xenobiotics. Archives of pharmacal research 28: 
249-268. 
Young, M. D., M. J. Wakefield, G. K. Smyth, and O. A. 2010. Gene ontology 
analysis for RNA-seq: accounting for selection bias. Genome Biol 11: R14. 
 
 
 
 
 
 
 
 
 
 
 
 
 
  
 
166 
 
Tables 
Table 4.1. Select upregulated genes in greenbugs after 12 hr of feeding on 
switchgrass or starvation. Fold change values for gene expression were 
considered significant if P < 0.05. 
 
Transcript ID Description 
Log2 fold 
change 
Starvation Upregulated 
 
TRINITY_DN21519_c3_g1 1,4-alpha-glucan-branching enzyme 0.7 
TRINITY_DN20662_c6_g1 ABC transporter G family 0.4 
TRINITY_DN20678_c2_g3 ABC transporter G family 0.9 
TRINITY_DN21947_c0_g2 ABC transporter G family 0.9 
TRINITY_DN24042_c1_g1 ABC transporter G family 1.0 
TRINITY_DN22076_c1_g1 ATP-binding cassette sub-family G 0.7 
TRINITY_DN22565_c0_g1 ATP-binding cassette sub-family G 0.4 
TRINITY_DN18937_c0_g1 Cathepsin B 1.1 
TRINITY_DN20183_c5_g1 Cathepsin B-like proteinase 1.4 
TRINITY_DN23414_c0_g1 Cytochrome P450 4C1 0.7 
TRINITY_DN22294_c4_g1 Cytochrome P450 6k1 0.7 
TRINITY_DN22660_c0_g4 Cytochrome P450 6k1 2.1 
TRINITY_DN22286_c5_g1 Probable cytochrome P450 6a13 0.8 
TRINITY_DN22383_c2_g1 Probable cytochrome P450 6a13 1.4 
TRINITY_DN22017_c4_g1 Probable cytochrome P450 6a14 1.2 
TRINITY_DN21389_c2_g1 Glutathione S-transferase 1-1 0.7 
TRINITY_DN24892_c3_g1 Glycogen synthase 0.5 
TRINITY_DN20041_c2_g1 Glycogenin-1 (GN-1) 0.5 
TRINITY_DN23986_c2_g2 Heat shock 70 kDa protein 0.4 
TRINITY_DN24151_c1_g1 Heat shock 70 kDa protein 0.6 
TRINITY_DN24463_c13_g2 Heat shock 70 kDa protein 0.5 
TRINITY_DN24463_c13_g3 Heat shock 70 kDa protein 0.6 
TRINITY_DN24463_c13_g6 Heat shock 70 kDa protein 0.6 
TRINITY_DN19597_c0_g2 Serine protease 29 1.7 
TRINITY_DN23403_c1_g3 Serine protease 42 1.0 
TRINITY_DN21028_c0_g1 Serine protease gd 1.2 
TRINITY_DN22182_c4_g2 Serine protease snake 0.7 
TRINITY_DN23701_c1_g1 Serine protease snake 1.2 
TRINITY_DN19729_c2_g1 Serine proteinase stubble 1.1 
TRINITY_DN20287_c1_g1 Serine proteinase stubble 1.4 
TRINITY_DN23300_c2_g1 Serine proteinase stubble 1.2 
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Table 4.1. Select upregulated genes in greenbugs after 12 hr of feeding on 
switchgrass or starvation. Fold change values for gene expression were 
considered significant if P < 0.05.  
 
(continued) 
Kanlow Upregulated  
TRINITY_DN18782_c0_g1 Cathepsin B 3.6 
TRINITY_DN24530_c4_g2 Cathepsin B 1.6 
TRINITY_DN19599_c1_g1 Cathepsin B 2.2 
TRINITY_DN19599_c1_g3 Cathepsin B-like proteinase 2.2 
TRINITY_DN20351_c1_g2 Cathepsin B-like proteinase 2.2 
TRINITY_DN20919_c1_g4 Macrophage migration inhibitory factor homolog 0.6 
TRINITY_DN21675_c1_g1 Macrophage migration inhibitory factor homolog 0.9 
TRINITY_DN19370_c2_g13 Macrophage migration inhibitory factor homolog 0.8 
TRINITY_DN22010_c2_g1 Trehalase 0.7 
TRINITY_DN22224_c1_g1 Probable cytochrome P450 6a13 1.2 
Starvation and Kanlow Upregulated  
TRINITY_DN23284_c3_g1 ABC transporter G family 0.5 - 0.8 
TRINITY_DN24666_c1_g1 Cathepsin B 0.9 - 1.8 
TRINITY_DN24692_c3_g2 Cathepsin B 0.4 - 0.7 
TRINITY_DN19781_c1_g1 Cathepsin B-like proteinase 0.6 - 0.9 
TRINITY_DN21323_c1_g1 Cathepsin B-like proteinase 1.2 - 1.6 
TRINITY_DN24690_c0_g4 Cathepsin B-like proteinase 0.3 - 0.4 
TRINITY_DN21599_c3_g1 Putative cysteine proteinase 0.4 - 0.5 
TRINITY_DN23171_c4_g3 Cathepsin L 0.5 - 0.6 
TRINITY_DN24469_c3_g1 Cytochrome P450 6a2 0.8 - 1.0 
TRINITY_DN22222_c0_g2 Cytochrome P450 6B1 2.3 - 2.7 
TRINITY_DN24824_c7_g2 Probable cytochrome P450 305a1 0.6 - 0.7 
TRINITY_DN19242_c0_g1 Probable cytochrome P450 6a13 0.8 - 1.6 
TRINITY_DN22222_c0_g3 Probable cytochrome P450 6a13 1.8 - 2.1 
TRINITY_DN21931_c0_g3 Probable cytochrome P450 6a14 1.1 1.5 
TRINITY_DN21571_c4_g3 Esterase FE4 (Carboxylesterase) 0.5 - 0.7 
TRINITY_DN21080_c2_g1 Glutathione S-transferase 0.6 - 0.7 
TRINITY_DN23501_c0_g1 Glutathione S-transferase 0.3 - 0.5 
TRINITY_DN24175_c3_g1 Glutathione S-transferase theta-1 0.4 - 0.5 
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Table 4.2. Select upregulated genes in greenbugs after 24 hr of feeding on 
switchgrass or starvation. Fold change values for gene expression were 
considered significant if P < 0.05. 
 
Transcript ID Description 
Log2 fold 
change 
Starvation Upregulated  
TRINITY_DN21519_c3_g1 1,4-alpha-glucan-branching enzyme 0.7 
TRINITY_DN20678_c2_g3 ABC transporter G family 1.8 
TRINITY_DN21947_c0_g2 ABC transporter G family 1.1 
TRINITY_DN23284_c3_g1 ABC transporter G family 1.3 
TRINITY_DN24042_c1_g1 ABC transporter G family 1.2 
TRINITY_DN19781_c1_g1 Cathepsin B-like proteinase 1.4 
TRINITY_DN20183_c5_g1 Cathepsin B-like proteinase 1.0 
TRINITY_DN21323_c1_g1 Cathepsin B-like proteinase 2.2 
TRINITY_DN24690_c0_g4 Cathepsin B-like proteinase 0.5 
TRINITY_DN23697_c5_g1 Cytochrome P450 302a1 0.5 
TRINITY_DN22222_c0_g2 Cytochrome P450 6B1 3.7 
TRINITY_DN22294_c4_g1 Cytochrome P450 6k1 1.3 
TRINITY_DN22660_c0_g4 Cytochrome P450 6k1 3.3 
TRINITY_DN19242_c0_g1 Probable cytochrome P450 6a13 1.7 
TRINITY_DN22222_c0_g3 Probable cytochrome P450 6a13 4.3 
TRINITY_DN22383_c2_g1 Probable cytochrome P450 6a13 2.1 
TRINITY_DN22017_c4_g1 Probable cytochrome P450 6a14 2.3 
TRINITY_DN23501_c0_g1 Glutathione S-transferase 1 0.5 
TRINITY_DN24175_c3_g1 Glutathione S-transferase theta-1 0.5 
TRINITY_DN24892_c3_g1 Glycogen synthase 0.6 
TRINITY_DN20041_c2_g1 Glycogenin-1 (GN-1) 0.9 
TRINITY_DN23986_c2_g2 Heat shock 70 kDa protein 0.6 
TRINITY_DN24151_c1_g1 Heat shock 70 kDa protein 1.3 
TRINITY_DN24463_c13_g2 Heat shock 70 kDa protein 0.7 
TRINITY_DN24463_c13_g3 Heat shock 70 kDa protein 0.9 
TRINITY_DN24463_c13_g6 Heat shock 70 kDa protein 0.8 
TRINITY_DN19597_c0_g2 Serine protease 29 2.1 
TRINITY_DN23403_c1_g3 Serine protease 42 1.0 
TRINITY_DN21028_c0_g1 Serine protease gd 1.8 
TRINITY_DN22182_c4_g2 Serine protease snake 2.0 
TRINITY_DN23701_c1_g1 Serine protease snake 1.7 
TRINITY_DN23300_c2_g1 Serine proteinase stubble 1.7 
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Table 4.2. Select upregulated genes in greenbugs after 24 hr of feeding on 
switchgrass or starvation. Fold change values for gene expression were 
considered significant if P < 0.05.  
 
(continued) 
Summer Upregulated  
TRINITY_DN19123_c0_g1 Cathepsin B 1.3 
TRINITY_DN20183_c5_g3 Cathepsin B 0.9 
TRINITY_DN19599_c1_g2 Cathepsin B-like proteinase 1.0 
TRINITY_DN22990_c4_g3 Cytochrome P450 6k1 0.4 
TRINITY_DN21274_c2_g3 Probable cytochrome P450 305a1 1.0 
TRINITY_DN22224_c1_g1 Probable cytochrome P450 6a13 0.8 
TRINITY_DN21571_c4_g3 Esterase FE4 (Carboxylesterase) 1.0 
Kanlow Upregulated  
TRINITY_DN19857_c1_g1 ABC transporter G family member 0.3 
TRINITY_DN21191_c2_g1 ATP-binding cassette sub-family G 0.4 
TRINITY_DN22076_c1_g1 ATP-binding cassette sub-family G 0.5 
TRINITY_DN19144_c0_g1 Probable cytochrome P450 305a1 0.8 
Starvation and Summer Upregulated  
TRINITY_DN18937_c0_g1 Cathepsin B 2.0 
TRINITY_DN24666_c1_g1 Cathepsin B 1.4 - 2.2 
TRINITY_DN24692_c3_g2 Cathepsin B 0.4 
TRINITY_DN23171_c4_g3 Cathepsin L 0.5 - 0.6 
TRINITY_DN24469_c3_g1 Cytochrome P450 6a2 0.7 - 0.8 
TRINITY_DN24824_c7_g2 Probable cytochrome P450 305a1 0.6 - 0.7 
TRINITY_DN22286_c5_g1 Probable cytochrome P450 6a13 0.7 - 0.9 
TRINITY_DN21931_c0_g3 Probable cytochrome P450 6a14 1.0 - 1.5 
TRINITY_DN21080_c2_g1 Glutathione S-transferase 0.6 - 0.7 
TRINITY_DN19729_c2_g1 Serine proteinase stubble 0.9 - 1.0 
TRINITY_DN20287_c1_g1 Serine proteinase stubble 0.9 - 1.2 
Starvation and Kanlow Upregulated  
TRINITY_DN20662_c6_g1 ABC transporter G family 0.3 - 0.8 
TRINITY_DN23414_c0_g1 Cytochrome P450 4C1 0.8 - 1.5 
TRINITY_DN19862_c4_g6 Probable cytochrome P450 6a13 0.3 - 0.5 
 
 
 
 
 
 
 
  
 
170 
 
Table 4.3. Select upregulated genes in yellow sugarcane aphids after 12 hr of 
feeding on switchgrass or starvation. Fold change values for gene expression 
were considered significant if P < 0.05. 
 
Transcript ID Description 
Log2 fold 
change 
Starvation Upregulated  
TRINITY_DN18891_c1_g2 Facilitated trehalose transporter 0.6 
TRINITY_DN19042_c2_g1 Facilitated trehalose transporter 0.5 
TRINITY_DN19438_c1_g2 Facilitated trehalose transporter 0.4 
TRINITY_DN15847_c4_g1 Glutathione S-transferase 0.5 
TRINITY_DN18781_c2_g2 Glycogenin-1 (GN-1) 0.3 
TRINITY_DN18332_c2_g1 Serine proteinase stubble 0.6 
Starvation and Summer Upregulated 
 
TRINITY_DN18019_c0_g1 Cytochrome P450 4V2 1.3 - 2.0 
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Table 4.4. Select upregulated genes in yellow sugarcane aphids after 24 hr of 
feeding on switchgrass or starvation. Fold change values for gene expression 
were considered significant if P < 0.05. 
 
Transcript ID Description 
Log2 fold 
change 
Starvation Upregulated  
TRINITY_DN16012_c1_g2 ABC transporter G family 0.3 
TRINITY_DN18501_c0_g2 ABC transporter G family 0.6 
TRINITY_DN18650_c1_g5 ABC transporter G family 0.3 
TRINITY_DN18992_c0_g2 ABC transporter G family 0.3 
TRINITY_DN19666_c1_g3 ABC transporter G family 0.3 
TRINITY_DN17579_c1_g1 ATP-binding cassette sub-family G 0.4 
TRINITY_DN19599_c1_g1 ATP-binding cassette sub-family G 0.3 
TRINITY_DN17835_c5_g1 Carboxylesterase 0.3 
TRINITY_DN18455_c6_g1 Carboxylesterase 0.5 
TRINITY_DN15787_c2_g2 Cytochrome P450 4C1 1.3 
TRINITY_DN18601_c4_g2 Cytochrome P450 4V2 0.3 
TRINITY_DN16778_c4_g1 Facilitated trehalose transporter 0.9 
TRINITY_DN20488_c0_g1 Facilitated trehalose transporter 0.7 
TRINITY_DN19975_c5_g2 Putative cysteine proteinase 0.3 
Summer Upregulated  
TRINITY_DN18953_c4_g1 Cytochrome P450 6k1 0.3 
TRINITY_DN18332_c2_g1 Serine proteinase stubble  0.3 
Kanlow Upregulated  
TRINITY_DN15847_c4_g1 Glutathione S-transferase 0.4 
Starvation and Summer Upregulated  
TRINITY_DN15414_c0_g2 ATP-binding cassette sub-family G 0.4 - 0.6 
TRINITY_DN15805_c5_g4 Cathepsin B 0.6 - 0.7 
TRINITY_DN15768_c4_g1 Facilitated trehalose transporter 0.4 - 0.7 
TRINITY_DN17489_c2_g2 Facilitated trehalose transporter 0.3 - 0.5 
TRINITY_DN19144_c1_g1 Glycogen synthase 0.4 
TRINITY_DN15768_c3_g1 Probable cytochrome P450 6a14 0.5 
TRINITY_DN17730_c1_g1 Serine protease snake 0.3 - 0.4 
Starvation and Kanlow Upregulated  
TRINITY_DN18032_c1_g3 ATP-binding cassette sub-family G 0.3 - 0.9 
TRINITY_DN15883_c2_g4 Cytochrome P450 4C1 0.6 - 1.7 
TRINITY_DN19039_c5_g1 Facilitated trehalose transporter 0.5 - 0.8 
TRINITY_DN18967_c1_g2 Serine protease snake 0.3 - 0.7 
 
  
 
172 
 
Table 4.4. Select upregulated genes in yellow sugarcane aphids after 24 hr of 
feeding on switchgrass or starvation. Fold change values for gene expression 
were considered significant if P < 0.05.  
 
(continued) 
Starvation, Summer and Kanlow Upregulated  
TRINITY_DN15582_c4_g1 ABC transporter G family 0.3 - 0.5 
TRINITY_DN18631_c4_g1 ATP-binding cassette sub-family G 0.3 
TRINITY_DN16748_c5_g1 Cytochrome P450 18a1 0.6 - 0.9 
TRINITY_DN16945_c0_g1 Cytochrome P450 302a1 0.5 - 0.6 
TRINITY_DN18019_c0_g1 Cytochrome P450 4V2 1.9 - 2.9 
TRINITY_DN16937_c5_g1 Probable cytochrome P450 6a13 0.5 - 0.7 
TRINITY_DN18891_c1_g2 Facilitated trehalose transporter 0.8 - 0.9 
TRINITY_DN19042_c2_g1 Facilitated trehalose transporter 0.7 - 0.8 
TRINITY_DN18781_c2_g2 Glycogenin-1 (GN-1) 0.3 - 0.5 
TRINITY_DN19840_c5_g3 Heat shock 70 kDa protein 0.3 - 0.4 
TRINITY_DN19840_c5_g7 Heat shock 70 kDa protein 0.4 - 0.5 
TRINITY_DN43697_c0_g1 Heat shock 70 kDa protein 0.5 
TRINITY_DN18307_c5_g1 Serine protease 55 0.3 - 0.7 
TRINITY_DN15220_c0_g2 Serine protease snake 0.4 - 0.7 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
  
 
173 
 
Figures 
Figure 4.1. Transcriptome discriminate analysis of all genes for greenbugs. The 
first canonical axis primarily divided the samples by feeding treatment, with 
samples from starved aphids (black triangles) on the left and samples from 
sorghum-fed aphids (red circles and triangles) on the right.  
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Figure 4.2. Heat map of DEGS (5328) in greenbug samples. Heat map of global 
changes in differentially expressed genes based on z-scores where cyan is low 
expression and magenta is high expression. 
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Figure 4.3. Venn diagram of genes for greenbugs induced at 12 hr (top left), 
induced at 24 hr (top right), suppressed at 12 hr (bottom left), and suppressed at 
24 hr (bottom right). Numbers within each region indicate common and unique 
genes within each sector. 
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Figure 4.4. Transcriptome discriminate analysis of all genes for yellow sugarcane 
aphids. The first canonical axis primarily divided the transcriptomes by both 
feeding treatment and time. Samples from aphids that fed on sorghum are on the 
left (red triangles and circles) with samples from aphids starved for 24 hr (black 
triangles) on the bottom right. 
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Figure 4.5. Heat map of DEGS (4227) in yellow sugarcane aphid samples. Heat 
map of global changes in differentially expressed genes based on z-scores 
where cyan is low expression and magenta is high expression. 
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Figure 4.6. Venn diagram of genes for yellow sugarcane aphids induced at 12 hr 
(top left), induced at 24 hr (top right), suppressed at 12 hr (bottom left), and 
suppressed at 24 hr (bottom right). Numbers within each region indicate common 
and unique genes within each sector. 
 
 
 
